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Preface

The application of nature’s toolset is a fast-growing area in several industries, such
as food, fine chemicals and polymers. Specifically in vitro enzymatic catalysis has
seen a steady increase in (industrial) applications where enzyme catalysis has estab-
lished itself as an indispensable tool in the synthesis of small molecules. Examples
can be found in the production of pharmaceutical intermediates, where biotechnol-
ogy generates significant turnover and reduces the environmental impact. In recent
years, enzyme catalysis was also successfully applied in polymer synthesis. The
motivation for using enzymes in polymer synthesis was initially mainly scientific
curiosity, but as this technology started to produce results comparable to conven-
tional polymerizations, the potential was recognized. The possibility of making
polymers that are not available from conventional methods and their natural charac-
ter make enzymes a particularly promising catalytic system. The goal of this book
is to provide an overview of enzyme catalysis in polymer synthesis structured ac-
cording to the different enzyme classes used in these reactions. Notably, three of
the six enzyme groups have been reported in enzymatic polymerization in vitro, i.e.
oxidoreductases, transferases and hydrolases.

Chapter 1 reviews recent advances in the field of biocatalytic synthesis of
water-soluble conducting polymers using oxidoreductases. This class of enzymes
catalyses the reduction or oxidation of functional groups. Horseradish peroxidase
(HRP), obtained from natural and renewable sources, efficiently catalyzes the
oxidative polymerization of aniline and phenol-based monomers under benign
conditions. In addition, the technologically relevant conjugated polymer poly-
3,4-ethylenedioxythiophene (PEDOT) can be accessed using HRP catalysis. This
biocatalytic method results in PEDOT materials that show a high electrical con-
ductivity and possess excellent film formation, making it a valuable tool in the
preparation of functional polymers.

Chapter 2 summarizes the application of transferases in polymer chemistry.
Transferases are enzymes transferring a group from one compound (donor) to
another compound (acceptor). Of the three classes of enzymes used in polymer sci-
ence, transferases are the least frequently applied, which is due to their sensitivity.
Nonetheless, several transferases such as phosphorylases and synthases have been

ix
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found to be effective for catalyzing the in vitro synthesis of polysaccharides and
polyesters and well-defined polymers with a variety of architectures have become
available.

Enzymes that belong to the class of hydrolases are by far the most frequently-
applied enzymes in polymer chemistry and are discussed in Chaps. 3–6. Although
hydrolases typically catalyse hydrolysis reactions, in synthetic conditions they have
also been used as catalysts for the reverse reaction, i.e. the bond-forming reaction.
In particular, lipases emerged as stable and versatile catalysts in water-poor media
and have been applied to prepare polyesters, polyamides and polycarbonates, all
polymers with great potential in a variety of biomedical applications.

Chapter 3 focuses on the increased understanding in enzymatic strategies for
the production of well-defined polymers. A wide variety of (co)polymers has been
synthesised and explored in a variety of applications using lipase catalysts. On the
other hand, detailed studies also revealed the limitations of the use of lipases: as a
result of the monomer-activation mechanism, polymers of low polydispersity and
quantitative degree of end-group functionality are difficult to attain.

Chapter 4 shows that the range of polymeric structures from enzymatic poly-
merization can be further increased by combination with chemical methods. The
developments in chemoenzymatic strategies towards polymeric materials in the syn-
thesis of polymer architectures such as block and graft copolymers and polymer
networks are highlighted. Moreover, the combination of chemical and enzymatic
catalysis for the synthesis of unique chiral polymers is discussed.

Chapter 5 shows that the application of hydrolytic enzymes is a powerful yet
mild strategy to directly improve polymer surface properties (i.e. hydrophilicity)
or activate materials for further processing. The surface hydrolysis of polyamides
(PA), polyethyleneterphthalates (PET) and polyacrylonitriles (PAN) is discussed, as
well as the mechanistic details on the enzymatic surface hydrolysis. The mechanistic
data, combined with advances in structural and molecular biology, help to explain
different activities of closely related enzymes on polymer surfaces.

Finally, Chap. 6 deals with the exploitation of biocatalysis in generating
supramolecular polymers, a class of polymers where the monomers are connected
via non-covalent bonds. This approach provides highly dynamic and reversible
supramolecular structures, inspired by biological polymeric systems found in the
intra- and extracellular space. A number of potential applications of enzymatic
supramoleular polymerizations are discussed in the context of biomedicine and
nanotechnology.

From the present book and the work of numerous researchers in the field, it be-
comes clear that enzymatic polymerization presents a serious alternative to chemical
synthesis. Significant progress has been achieved in recent years in this relatively
young polymerization technique. As with all polymerization techniques, enzymatic
polymerizations have their advantages and disadvantages. It is clear that many chal-
lenges still have to be overcome, even for polymer systems in which the enzymatic
processes have significantly advanced, as is the case for polyester synthesis. Never-
theless, enzymes hold significant promises with respect to green polymer chemistry
and as an additional tool for the synthesis of functional polymers. However, the



Preface xi

advantages of enzymes are not directly transferable from small molecule synthesis
to polymers. While much fundamental research has been done in the past and
will be needed in the future on this topic, we are approaching a transition towards
the development of integrated green processes in polymer science, and enzymatic
polymerization is one element of this transition.

Summer 2010 Andreas Heise and Anja Palmans
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Oxireductases in the Enzymatic Synthesis
of Water-Soluble Conducting Polymers

Estibalitz Ochoteco and David Mecerreyes

Abstract This chapter reviews recent advances in the field of biocatalytic synthesis
of water-soluble conducting polymers. Biocatalysis is proposed as a versatile tool
for synthesis of conducting polymers. First, the enzymatic synthesis of conducting
polymers and its mechanism is discussed as well as the use of different type of en-
zymes. Next, we describe the use of a new bifunctional template (sodium dodecyl
diphenyloxide disulfonate) in the synthesis of polyaniline as a strategy to improve
the water solubility and electrical conductivity in the obtained polymer. The recent
development of enzyme-catalyzed polymerization of 3,4-ethylenedioxythiophene
(EDOT) in the presence of polystyrenesulfonate is discussed. This method results
in PEDOT materials that show an electrical conductivity of 2× 10−3 S cm−1 and
posses excellent film formation ability, as confirmed by atomic force microscopy
images. Finally, a simple method for immobilizing horseradish peroxidases in
the biocatalytic synthesis of water-soluble conducting polymers is presented. This
method is based on a biphasic catalytic system in which the enzyme is encap-
sulated inside the ionic liquid 1-butyl-3-methylimidazolium hexafluorophosphate,
while other components remain in the aqueous phase. The enzyme is easily recov-
ered after reaction and can be reused several times.

Keywords Conducting polymers · Enzymatic polymerization · Horseradish
peroxidase · Oxidoreductases · PEDOT · Polyaniline · Synthesis strategies
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1 Introduction

The field of intrinsically conducting polymers (ICPs) has attracted a great deal of
attention due to their interesting electrical and optical properties. Since their dis-
covery in 1977, these materials have been investigated for countless technological
applications, such as organic lightweight batteries, microelectronics, optical dis-
plays, antistatic coatings, and electromagnetic shielding [1, 2]. These extremely
promising materials have traditionally been synthesized by monomer oxidation in
the presence of a strong oxidant and show high insolubility and intractability when
synthesized [3]. In this context, the use of enzymes as biological catalysts in the
synthesis of functional polymers has attracted great interest in recent years as a
“green” alternative [4–6]. The approach does not require strong acids or purification
steps in the synthesis process. Enzymes can offer environmentally benign reaction
conditions [7], a high yield of polymerization, and a superior level of control in re-
gioregularity and stereochemistry, consequently resulting in soluble and processable
conducting polymers [8].

This chapter provides a review of some of the most recent research in the field
of biocatalytic synthesis. The reviewed papers propose the development of new
strategies in the enzymatic biocatalytic approach to polymer synthesis, providing
an answer to several problematic issues. Research topics include: (1) the use of new
bifunctional templates in enzymatic polymerization, giving as a consequence highly
soluble and conducting polymers; (2) achievement of the first enzymatic poly-
merization of 3,4-ethylenedioxythiophene (EDOT), demonstrating that this green
synthesis process can be applied to other technologically interesting polymers apart
from polyaniline (PANI); and (3) the employment of an ionic liquid (IL)-based
biphasic catalytic system as a mean to recover and reuse the enzyme several times
in aniline or EDOT polymerization.

2 Peroxidases in Polymer Synthesis

Peroxidases function as oxidoreductases, which catalyze the oxidation of a donor
using hydrogen peroxide as the oxidizing agent. During this process, two water
molecules are liberated (Scheme 1). In biocatalytic reactions, a peroxidase enzyme
such as horseradish peroxidase (HRP) or palm tree peroxidase, or even oxidases
such as glucose oxidase are used as catalyst for the monomer (e.g., aniline) polymer-
ization in an aqueous buffer [10]. During polymerization, the polymer precipitates
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Scheme 1 Catalytic cycle of peroxidase. L ligand, R reduced compound. (Reprinted with
permission from Gross et al. [9]. c© 2001, American Chemical Society)

out of the reaction solution, which limits the applicability of this method [11].
Although several strategies have been used to avoid this precipitation, such as mod-
ification of monomer structures [12, 13], synthesis in micellar media [14], reverse
micelles [15, 16], and interfacial polymerizations [17], the final conductivity of the
obtained PANI is poor in most cases. This poor solubility is said to be due to the
presence of different structures in the polymer, giving a highly branched instead of
a predominantly head-to-tail linear structure, as is formed in the traditional chem-
ical polymerization of aniline. Liu and coworkers [18, 19] successfully improved
the conductivity of enzymatically synthesized PANI by using a polymer electrolyte
such as poly(sodium p-styrenesulfonate) (PSSNa) in the reaction media. This water-
soluble polyelectrolyte serves as a linear template. Since PSSNa and aniline have a
pKa of 0.70 and 4.63, respectively, at pH close to 4, PSSNa is anionically charged
while aniline is cationically charged. Therefore, aniline and PSSNa form an electro-
static complex, which leads to a pre-orientation of the aniline monomers and favors
a para-directed reaction. This results in a more linear, highly conjugated structure.
Consequently, the PANI conductivity is improved by this method. The same effect
is obtained with dodecylbenzene sulfonic acid (DBSA), hexadecyltrimethylammo-
nium bromide (HDTMAB) and polyoxyethylene isooctylphenyl ether (PEOPE) as
templates. These molecules aggregate to form micelles above a critical concentra-
tion (critical micellar concentration, CMC), creating another template configuration
for a guided polymerization. However, the use of small molecules such as sodium
benzene sulfonic acid (SBS), without the ability to form these templates, does not
result in a highly conducting PANI by enzymatic synthesis. Therefore, it seems
clear that the pre-orientation of anionic species (via aggregation of small molecules
or polymeric electrolytes) is essential to create an adequate environment by (1)
providing the necessary counteranions for the doping of the conducting polymer,
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(2) improving water solubility, and (3) templating the alignment for monomer
molecules during polymerization. The use of surfactants as micelles or as soft tem-
plates to homogeneously dispersed the aniline in the aqueous solution continues to
be one of the best strategies for obtaining the desired conductive emeraldine form of
PANI by peroxidase-triggered polymerization [20, 21]. However, in spite of these
recent advances, the electrical conductivity in the final complex remains low for
practical applications, and new strategies are still being searched for to attain high
conductivity and excellent water solubility.

One of the most important drawbacks of these strategies is the cost of the enzyme.
For practical applications, the expensive enzymes must be recovered and reused af-
ter the reaction. This is the reasoning behind the well-established strategy of enzyme
immobilization on solid supports, which has been applied to HRP [22–26]. HRP
has been immobilized on chitosan powder [27], aluminum oxide [28], functional-
ized polyethylene [29], collagen [30], titanium oxide [31], carbon nanotubes [32],
and other templates [22–26]. In fact, new alternative strategies are being studied
in many research groups for recycling and reusing the enzyme in the biocatalytic
synthesis of polymers.

Finally, it is worth mentioning that biocatalytic synthesis has been successfully
applied to PANI as conducting polymer, but it has been hardly extended to other
technologically interesting polymers such as polythiophenes [33–36]. Of particular
interest, poly(3,4-ethylenedioxythiophene),PEDOT is becoming very successful for
commercial applications. The lack of success in the enzymatic polymerization of
this material is clearly stated in a recent paper [37], where it is said to be probably
due to the high oxidation potential of monomers such as EDOT and pyrrole. Refer-
ring to the oxidation potential of the HRP/H2O2 pair, it was concluded that EDOT
and pyrrole are inappropriate monomers for this enzymatic synthesis.

3 New Bifunctional Templates as a Means to Improve
Electrical Conductivity

As previously stated, the use of templates such as DBSA, HDTMAB, and PEOPE
allows the formation of well-defined micellar structures in aqueous solution when
the template concentration is above its CMC. In a recent publication [38], the poly-
merization with a bifunctional sodium dodecyl diphenyloxide disulfonate (DODD)
as template was proposed to proceed by a micellar mechanism in the same way
(Scheme 2). In an aqueous acid solution of DODD and aniline, anilium ions locate
at the micellar interface, with benzene parts penetrating into the hydrophobic core
of the DODD micelle to form the complex (as illustrated in Scheme 3b). At the con-
centration of 0.055 mol L−1, a slight turbidity was observed in solution, indicating
micellar aggregation. Once the micellar structure is formed and the enzyme is added
to the aqueous medium, addition of H2O2 triggers the polymerization of anilinium
ions around micelles (Scheme 3).
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Scheme 2 Chemical structure of DBSA (left) and DODD (right) molecules. (Reprinted with
permission from Rumbau et al. [38]. c© 2007, Elsevier)

Scheme 3 Polymerization mechanism: aniline–DODD interaction and polymerization.
(Reprinted with permission from Rumbau et al. [38]. c© 2007, Elsevier)

The bifunctional DODD molecule, due to the presence of two sulfonic groups in
its structure, shows higher water solubility than monofunctional surfactants such
as DBSA. At acidic pH, sulfonate groups become negatively charged, thereby
increasing the total charge per molecule and, consequently, the solubility. This idea
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Fig. 1 Influence of aniline to template ratio on conductivity for enzymatic PANI/DODD (dia-
monds) and enzymatic PANI/DBSA (squares). (Reprinted with permission from Rumbau et al.
[38]. c© 2007, Elsevier)

is reflected in the fact that the CMC value for DODD is higher than that for DBSA
(7× 10−3 and 1.6× 10−3M, respectively). Furthermore, in a bifunctional surfac-
tant, each micelle is expected to be composed of a lower number of individual
molecules than micelles created by monofunctional surfactants and, consequently,
to be smaller in size. Light scattering measurement verified this assumption, where
micelles with diameters of <4nm and 5 nm were observed for DODD and DBSA,
respectively. It was therefore assumed that, for the same surfactant concentration,
there are more micelles formed from a bifunctional surfactant than from monofunc-
tional surfactant at the same concentration.

The content of anionic charges and the anionic template surface for complex for-
mation in the media should thus be higher. The solubility of the polymer complex
is explained by the anionic charges on the template, and that a percentage of these
anionic charges must remain free to keep the complex in solution. A system with
a larger anionic surface would result in higher complexation with anilinium cations
on the surface and, consequently, a higher polymerization conversion before pre-
cipitation occurred. This higher local anilinium cation concentration should lead to
higher molecular weights and, consequently, higher conductivity in the product.

Experimental results (Fig. 1) show that for PANI/DODD and PANI/DBSA syn-
thesized under the same conditions, the conductivity of the PANI/DODD complex
is indeed higher than that of the PANI/DBSA. Furthermore, the DODD tem-
plate allows the use of a higher aniline to template ratio before precipitation
occurs. PANI/DBSA complexes show precipitation at ratios close to 2.5:1 whereas
PANI/DODD complexes remain in solution even at a ratio of 4:1.

4 First Enzymatic Polymerizations of EDOT

Oxidoreductases such as HRP, obtained from natural and renewable sources, have
been known to catalyze the polymerization of aniline and phenol-based monomers
under benign conditions and in mixed solvent systems [39–41]. The mechanism
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for HRP-catalyzed polymerization requires the interaction of the heme-iron active
group of the enzyme with the hydrogen peroxide, generating an oxidized heme-iron
complex [42]. Then, the oxidized heme-iron complex reacts with the monomer, in a
one-electron transfer reaction to give a monomer radical and a modified iron-heme
complex. The polymer is formed after consecutive reaction of these monomer rad-
icals. This biocatalytic synthesis process has been successfully applied to PANI as
conducting polymer, but rarely to other technologically interesting polymers such
as polythiophenes [33–36]. In a work by Bruno et al. [37], this is said to be due to
the higher oxidation potential of monomers such as EDOT and pyrrole compared
to the catalyst HRP, thus proving them to be inappropriate substrates for this enzy-
matic approach. Encouraged by the effectiveness of Fe2+ as a “green” biomimetic
catalyst, the synthesis of water-soluble PEDOT and polypyrrole was performed by
the same group using PEGylated hematin (PEG-hematin) as catalyst in presence
of PSSNa as template. The EDOT polymerization reaction with PEG-hematin was
spectroscopically monitored in an aqueous solution at pH 1.0. The spectral changes
observed in Fig. 2 indicate that the monomer did not show significant absorption
above 300 nm. However, once H2O2 was added, the polymerization process led to
the appearance of absorption from 600 to 1200 nm, accompanied by the develop-
ment of a dark blue color, with a simultaneous increase in the absorption intensity
of the peaks over time. The broad band at 700 nm, with a large absorption tail at
around 1200 nm, was attributed to the ð−ð∗ transition in the polymer chain.

The FT-infrared (FTIR) spectrum (Fig. 3) of the polymer showed absorptions at
1342, 1218, and 976 cm−1, all assigned to doping interactions of SPS. The absence
of bands at 1600–1800cm−1 was significant and indicated that no overoxidation
or ring-opening had occurred. This PEDOT was stable over a fairly high range of
temperature (Fig. 3), observing a significant degradation at 110 and 250◦C. The
initial decrease in weight percent is due to evaporation of bound water (Fig. 4).
The electrical conductivity data for the PEDOT (1.10−3 S cm−1) are similar to the
measured conductivity of commercial PEDOT (Baytron).

1.0

0.8
SPS/PPYR/PEDOT

SPS/PPYR pH2
PYR

EDOT

SPS/PEDOT pH1

0.6

0.4

0.2

A
bs
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e

0.0

200 400 600
Wavelength (nm)

800 1000 1200

Fig. 2 UV-Vis spectra of monomers EDOT and pyrrole, and polymers PEDOT, polypyrrole and
PEDOT-co-polypyrrole. (Reprinted with permission from Bruno et al. [37]. c© 2006, American
Chemical Society)
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Fig. 3 FTIR spectra of monomer EDOT and polymer PEDOT in the presence of PSSNa.
(Reprinted with permission from Bruno et al. [37]. c© 2006, American Chemical Society)

Fig. 4 TGA of the different monomers and polymers. (Reprinted with permission from Bruno
et al. [37]. c© 2006, American Chemical Society)

In another research laboratory, surprised by the lack of success of other research
groups and the previous statements about the impossibility of applying biocatalytic
chemistry to polithiophenes and polypyrroles, special attention was paid to the en-
zymatic polymerization of the EDOT monomer [43]. In this case, the first trials
succeeded and a blue-colored polymer solution was obtained after 16 h of reaction
(Scheme 4). As is well-known, an acidic reaction medium is suitable to increase
the rate of polymerization. Protonic acids and a variety of Lewis acids catalyze
the equilibrium reaction of EDOT to the corresponding dimeric and trimeric com-
pounds without further oxidation or reaction [44]. In this work, three different pHs
were evaluated (pH = 2, 4, and 6) in order to establish the optimum for adequate
synthesis of EDOT. The UV-visible (UV-Vis) spectra for these three reactions are
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Scheme 4 Mechanism of enzymatic polymerization of EDOT. (Reprinted with permission from
Rumbau et al. [43]. c© 2007, American Chemical Society)
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Fig. 5 UV-Vis spectra for PEDOT complexes synthesized for 16 h at (a) pH 2, (b) pH 4, and (c)
pH 6. (Reprinted with permission from Rumbau et al. [43]. c© 2007, American Chemical Society)

shown in Fig. 5. It can be clearly observed that the only spectra showing the presence
of a bipolaron absorption band at 800 nm, associated with PEDOT polymer, was the
one obtained at pH 2.

The results demonstrate that the high oxidation potential of the monomer may
not be the reason for the lack of polymerization in previous failed attempts. The
choice of appropriate working conditions (pH 2, and a polymerization time as long
as 16 h) allows the biocatalytic synthesis of PEDOT polymer. On the other hand, it
is well known that the activity of HRP decreases abruptly in acidic media (at pH 4,
the HRP activity is around 0 after 1 h [2]) but, surprisingly, even though the en-
zymatic activity should normally be significantly reduced sometime after the first
60 min, the reaction was observed to proceed uninterruptedly throughout the 16 h.
The authors thought that, under these strong acidic conditions, the enzyme could be
deactivated and the polymerization process could be triggered only by the presence
of H2O2. In a control experiment performed employing the same conditions except
for the absence of HRP, no polymerization was observed. In conclusion, the HRP
was assumed to be the catalyst triggering the polymerization reaction and the en-
hanced enzyme activity due to an excess of EDOT monomer in the media. As the
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solubility of the monomer is very poor in water, the reaction takes place in a biphasic
media, where the HRP is localized more preferentially in the monomer phase. To
prove this statement, a mixture of EDOT, template, and enzyme was prepared in
acidic water (pH 2). This solution was kept under magnetic stirring for 24 h. Then,
a solution of H2O2 was added. The reaction proceeded as usual and a conducting
water-soluble PEDOT was obtained after an additional 16 h. Thus, as a consequence,
the EDOT monomer droplets act as (1) enzyme protectors against deactivation, and
(2) monomer feed to keep a constant EDOT concentration in the reaction media.
The HRP-catalyzed enzymatic polymerization of EDOT was thus successfully per-
formed at the specific synthesis conditions (low pH, protected enzyme). Also, FTIR
spectroscopy confirmed the classical bands of PEDOT at 1698, 1381, 1066, and
940–875 cm−1, and of the PSSNa stabilizers at 1009 and 1128 cm−1 (Fig. 6). Fur-
thermore, the electrical conductivity of the films was verified by the four-points
probe. Typical values for PEDOT of 2× 10−3 S cm−1 were measured, further con-
firming the success of our synthetic route.

The obtained PEDOT polymer showed a very good capacity for film forma-
tion at a macroscopic level, and very low surface roughness also at a microscopic
level, as can be observed in the surface picture of the film obtained by atomic force
microscopy (Fig. 7).

Despite these successful polymerizations, these reactions proceed well only at
low pH and temperatures, which is restrictive for some applications. Therefore, the
most recent work on the biocatalytic polymerization of EDOT reports the use of
terthiophene as a radical mediator to synthesize PEDOT/PSSNa under milder pH
and at ambient conditions using the enzyme soybean peroxidase (SBP) and PSSNa
[44]. SBP belongs to the family of plant peroxidases that can oxidize a wide vari-
ety of organic and inorganic substrates using hydrogen peroxide. Although SBP has
been reported to have a higher redox potential than HRP, SBP cannot catalyze the
polymerization of EDOT under non-acidic conditions. Therefore, the polymeriza-
tion of EDOT was accomplished in this work by introducing a small amount (<1%)
of an oligomeric thiophene such as 2,5-di(2-thienyl)thiophene [terthiophene] in the

Fig. 6 FTIR spectra for enzymatic PEDOT/PSSNa film synthesized at an EDOT to PSSNa ratio
of 1:1. (Reprinted with permission from Rumbau et al. [43]. c© 2007, American Chemical Society)
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Fig. 7 Atomic force
microscopy pictures obtained
from a PEDOT/PSSNa film
(6μ×6μ) synthesized at an
EDOT to PSSNa ratio of 1:1.
(Reprinted with permission
from Rumbau et al. [43].
c© 2007, American Chemical

Society)

reaction mixture. The terthiophene monomer, having a slightly lower oxidation po-
tential (<1.02 V), acts as a redox mediator, and the polymerization of EDOT is
performed in the presence of PSSNa (upper scheme, Scheme 5). This polymer-
ization was observed not to proceed without the addition of terthiophene. When
the polymerization of EDOT was performed under the same conditions without
terthiophene, only low molecular weight oligomeric products were obtained [45].
In this work, as the concentration of terthiophene used was 100 times lower than
that of EDOT monomer, the amount of oligomeric species formed by the oxida-
tion of terthiophene was expected to be significantly low (1%). The oxidation of
the EDOT monomer is the most difficult step in the polymerization process and the
introduction of small amounts of terthiophene facilitated the process, as already es-
tablished in earlier works on the enhancement of the electrochemical polymerization
rate of thiophene by addition of terthiophene and/or bithiophene [46]. The authors
extended the mechanism proposed by these earlier works to the polymerization of
EDOT (lower scheme, Scheme 5), proposing that the terthiophene is incorporated
along with the PEDOT in the final polymer.

The effect of concentration of the redox mediator on the formation of PE-
DOT/PSSNa was studied by these researchers by varying the concentration of
terthiophene (0.025–1%) in a series of reactions. At least 0.5% (by weight of
monomer concentration) of the terthiophene was observed to be required to initiate
the polymerization of EDOT using SBP (Fig. 8). PEDOT/PSSNa was not formed
when the concentration of terthiophene was 0.025%. The polymerization was also
performed at various pH conditions, and the concentration of the final polymer was
monitored spectroscopically, as shown in Fig. 8b. It could also be observed that the
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Scheme 5 Above: Polymerization of EDOT catalyzed by SBP using terthiophene as a redox me-
diator. Below: Proposed mechanism for the reaction. (Reprinted with permission from Nagarajan
et al. [44]. c© 2008, American Chemical Society)
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Fig. 8 (a) UV-Vis spectra for polymerization of EDOT at different terthiophene concentrations.
(b) UV-Vis spectra for polymerization of EDOT at different pH values. (Reprinted with permission
from Nagarajan et al. [44]. c© 2008, American Chemical Society)

polymerization can be carried out even at pH 4.0 to yield doped PEDOT/PSSNa
polymer, as seen by the absorption beyond 700 nm. The UV-Vis spectrum of the
doped PEDOT/PSSNa closely resembled (Fig. 8) the PEDOT/PSSNa obtained from
a commercial source (Aldrich).
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Fig. 9 IR spectra of commercial PDOT/PSSNa and enzymatically synthesized PEDOT/PSSNa.
(Reprinted with permission from Nagarajan et al. [44]. c© 2008, American Chemical Society)

The FTIR spectrum of the commercially available PEDOT/PSSNa and the en-
zymatically synthesized PEDOT/PSSNa were compared (Fig. 9). The spectra are
scaled individually for clearer comparison. The vibrations at 1195, 1139, and
1089 cm−1 are due to the C–O–C bond stretch in the ethylenedioxy group. The
peak at 1521 cm−1 is due to the ring stretching of the thiophene ring. The weak
vibration at 1062 cm−1 is possibly due to the C–O stretch. Peaks at 979, 937, and
840 cm−1 are assigned to thiophene C–S bond stretching. As seen in Fig. 3, the
PEDOT/PSSNa synthesized enzymatically shows similar features to those of the
standard, and no major additional peaks are observed.

5 Biphasic Biocatalytic System for the Synthesis
of Conducting Polymers

The use of enzymes as biocatalysts for the synthesis of water-soluble conducting
polymers is simple, environmentally benign, and gives yields of over 90% due to
the high efficiency of the enzyme catalyst. Since the use of an enzyme solution
does not allow the recovery and reuse of the expensive enzyme, well-established
strategies of enzyme immobilization onto solid supports have been applied to HRP
[22–30]. A recent work reported an alternative method that allows the recycle and
reuse of HRP in the biocatalytic synthesis of ICPs. The method is based on the
use of a biphasic catalytic system in which the enzyme is encapsulated by simple
solubilization into an IL. The main strategy consisted of encapsulating the HRP in
room-temperature ILs insoluble in water, and the other components of the reaction
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(such as monomer, H2O2 oxidant, and dopant template) in the aqueous phase. The
biocatalytic process should take place at the aqueous–IL interface, and the HRP
is subsequently recovered by liquid–liquid phase separation after the biocatalytic
reaction (Scheme 6).

This method was applied to the synthesis of both PANI [48] and PEDOT [47].
In both cases, after the polymerization reaction, the UV-Vis spectra of the obtained
aqueous phase was compared to the corresponding conducting polymer obtained by
classical biocatalytic synthesis, in which HRP is dissolved in the aqueous reaction
media. In the case of PANI (Fig. 10), after the polymerization reaction, the UV-Vis

Scheme 6 Biphasic biocatalytic system in conducting polymer synthesis. (Reprinted with permis-
sion from Marcilla et al. [48]. c© 2009, Wiley)
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Fig. 10 UV-Vis spectra of PANI/DBSA aqueous solution obtained without encapsulation of
the HRP enzyme (upper spectrum), and with encapsulation of the HRP enzyme in 1-butyl-
3-methylimidazolium hexafluorophosphate (lower spectrum). (Reprinted with permission from
Rumbau et al. [48]. c© 2006, American Chemical Society)
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spectra of the obtained aqueous phase was compared to the corresponding conduct-
ing polymer obtained by classical biocatalytic synthesis, in which HRP is dissolved
in the aqueous reaction media. Both spectra were similar and clearly showed an
absorption peak maximum at 420 nm. Furthermore, a well-known absorption tail
extended towards the near-IR region between 800 and 1100 nm, arising from the
polaron population in the material, which is a sign of the formation of conduct-
ing PANI. From the measurements obtained for PEDOT, the UV-Vis spectra of the
EDOT monomer, the enzymatically obtained PEDOT, and a PEDOT prepared us-
ing the classical chemical oxidative polymerization [49, 50] are shown in Fig. 11.
Both PEDOT spectra are similar, indicating a typical absorption peak maximum at
800 nm and proving the successful enzymatic synthesis of PEDOT.

The recovered HRP/IL mixture was added to a new aqueous reaction media, in-
cluding fresh monomer, stabilizer, and H2O2. A second reaction took place and the
HRP/IL was recovered again by liquid–liquid phase separation. In the case of ani-
line, the same process was successfully repeated up to five times using the same

Fig. 11 UV-Vis spectra of
(a) EDOT+PSS at pH 2,
(b) enzimatically obtained
PEDOT, and (c) PEDOT
prepared using the classical
chemical oxidative
polymerization
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Fig. 12 Electrical conductivity films obtained from the aqueous solutions after several runs. Run
0 indicates the control value obtained without encapsulation of the enzyme. (Reprinted with per-
mission from Rumbau et al. [48]. c© 2006, American Chemical Society)
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Fig. 13 Electrical conductivity of films obtained from the aqueous solutions after several runs.
(Reprinted with permission from Sikora et al. [47]. c© 2009, Wiley)

HRP/IL phase. The electrical conductivity of the PANI films prepared by solvent
casting from the aqueous solutions showed a relatively high and similar value even
after the fifth run (Fig. 12), which demonstrates the validity of our approach and the
ease of recyclability and reuse of the enzyme inside the IL. For the PEDOT, the pro-
cess of recovery and reuse was successfully repeated up to ten times using the same
HRP/EDOT catalytic phase (Fig. 13), further confirming the success of the syn-
thetic approach and the ease of recyclability and reuse of the enzyme inside the
EDOT monomer phase.

6 Conclusions

This review chapter summarizes some of the most successful strategies recently in-
troduced in the field of biocatalytic synthesis of ICPs as an attempt to solve the
most problematic issues concerning the practical application of this technology.
First, the use of a new bifunctional template in the enzymatic synthesis of PANI
(DODD) is proposed, reaching, as a consequence, higher solubilities and electri-
cal conductivities than those obtained when monofunctional templates are used.
Second, a successfully performed enzymatic polymerization of EDOT in the pres-
ence of PSSNa is presented, proving that the biocatalytic strategy can also be applied
to technologically interesting conducting polymers others than PANI. The obtained
PEDOT polymer films showed excellent electrical conductivity (2 × 10−3 S cm−1),
as well as film formation capacity, with excellent surface roughness at the micro-
scopic level. Finally, a new biphasic polymerization strategy is demonstrated that
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allows purification of the obtained conducting polymer aqueous solution from the
remaining enzyme, so that the recovered enzyme can be recycled and reused sev-
eral times.
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Transferases in Polymer Chemistry

Jeroen van der Vlist and Katja Loos

Abstract Transferases are enzymes that catalyze reactions in which a group is
transferred from one compound to another. This makes these enzymes ideal catalysts
for polymerization reactions. In nature, transferases are responsible for the synthesis
of many important natural macromolecules. In synthetic polymer chemistry, various
transferases are used to synthesize polymers in vitro. This chapter reviews some of
these approaches, such as the enzymatic polymerization of polyesters, polysaccha-
rides, and polyisoprene.

Keywords Biocatalysis · Enzymatic polymerization · Polyester · Polyisoprene
· Polysaccharide · Transferase
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1 Introduction

Enzymatic polymerizations are an emerging research area with not only enormous
scientific and technological promise, but also a tremendous impact on environmental
issues. Biocatalytic synthetic pathways are very attractive as they have many advan-
tages, such as mild reaction conditions, high enantio-, regio- and chemoselectivity,
and the use of nontoxic natural catalysts.

Transferases (enzyme classification, class no. 2) are enzymes that catalyze reac-
tions in which a group is transferred from one compound to another. Groups that are
transferred are Cl, aldehydic or ketonic residues, acyl, glycosyl, alkyl, nitrogenous,
and phosphorus- and sulfur-containing groups [1]. Of the three classes of enzymes
used in polymer science so far, transferases are the least applied class of biocata-
lyst. Despite their potential for synthesizing interesting polymeric materials many
transferases are very sensitive biocatalysts, which prevents their isolation on a larger
scale and/or their use for synthesizing polymers on a reasonable scale.

The enzyme class of transferases is subdivided into nine subclasses:

EC 2 Transferases
EC 2.1 Transferring one-carbon groups
EC 2.2 Transferring aldehyde or ketonic groups
EC 2.3 Acyltransferases
EC 2.4 Glycosyltransferases
EC 2.5 Transferring alkyl or aryl groups, other than methyl groups
EC 2.6 Transferring nitrogenous groups
EC 2.7 Transferring phosphorus-containing groups
EC 2.8 Transferring sulfur-containing groups
EC 2.9 Transferring selenium-containing groups

This review focuses on acyl- and glycosyltransferases and transferases that transfer
alkyl or aryl groups, other than methyl groups (EC 2.3, EC 2.4, and EC 2.5) as in
these classes can be found interesting examples for the polymer scientist.

Acyltransferases are, for instance, able to synthesize biological polyesters
with properties comparable or sometimes even exceeding polymers based on
petrochemical-derived monomers. Acyltransferases are also frequently used to
modify macromolecules in food and non-food applications.

For the synthesis of highly defined polysaccharides, glucosylsaccharides are the
only option available. Specialized oligo- and polysaccharides for food and medical
applications can be synthesized, and also hybrid structures with non-natural macro-
molecules or surfaces.

Prenyltransferases are responsible for the synthesis of cis-polyisoprene in natural
rubber particles but can also be used to synthesize polyisoprenes in vitro.
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2 Acyltransferases (EC 2.3)

2.1 Polyester Synthase

Polyhydroxyalkanoates (PHAs) are biological polyesters that are produced by a
wide variety of bacteria as osmotically inert carbon- and energy-storage compounds
that accumulate in the form of granules (see Fig. 1).

PHAs are generated in almost all bacteria under nutrient-limited growth condi-
tions when a carbon source is readily available. PHA production occurs in exponen-
tial, late exponential, or in stationary growth phases, depending on the organism.
Accumulation of PHA can reach as much as 85% of the dry cell weight. When the
environment becomes more hospitable, the PHAs are degraded to the corresponding
monomers, which are used as a source of energy for biosynthesis (supplying NADH)
and as biosynthetic building blocks. As with all the other polymers discussed above,
there are also conditions of growth in which PHA is generated transiently.

Polyhydroxyalkanoate synthase (systematic name: acyl-CoA:3-hydroxybutyrate
O-acyltransferase; EC 2.3.1. class) is responsible for the polymerizations of PHAs in
vivo because it catalyzes the stereoselective conversion of (R)-3-hydroxyacyl-CoA
substrates to PHAs with the concomitant release of CoA (see Fig. 2) [3].

The residues Cys-319, Asp-480 and His-508 of the class I polyester synthase
from Cupriavidus necator are conserved in all PHA synthases and were shown to
be essential for covalent catalysis [2, 4, 5]. Cys-319 is the proposed catalytic nucle-
ophile that is activated by the general base catalyst His-508.

Fig. 1 Electron microscopy image of Pseudomonas aeruginosa harboring polyester granules [2] –
Reproduced by permission of Portland Press Ltd.
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Fig. 2 Reaction catalyzed by polyester synthase

Fig. 3 Metabolic routes towards biopolyester synthesis. Dashed lines represent engineered
biosynthesis routes. Triangles depict targets for inhibitors enabling biopolyester synthesis. En-
zymes indicated on shaded boxes on solid lines are biopolyester biosynthesis enzymes. With kind
permission from Springer Science+Business Media [7]

Reported efforts on engineering the PHA synthase towards better performance
and selectivity in vivo and in vitro were recently assessed in an excellent mini-
review by Nomura and Taguchi [6].

PHA polymers can be divided into three main classes with properties that are de-
pendent on their monomer composition. Short-chain-length PHAs have monomers
consisting of three to five carbons, are thermoplastic in nature, and generally lack
toughness. Medium-chain-length PHAs have monomers consisting of 6–14 carbons
and these polymers are elastomeric in nature. The third main class of PHAs includes
copolymers made up of short-chain-length and medium-chain-length HA monomers
consisting of 3–14 carbons. These PHAs have properties in between those of the first
two classes, depending on the mole ratio of monomers, and therefore have a wide
range of physical and thermal properties.

Figure 3 shows parts of the in vivo metabolic route towards PHAs. The biosyn-
thesis of poly(3-hydroxybutyric acid) (P3HB) requires the condensation of two
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acetyl-CoA molecules catalyzed by the β-ketothiolase (PhaA), leading to the
formation of acetoacetyl-CoA, which is reduced to (R)-3-hydroxybutyryl-CoA
by the (R)-specific acetoacetyl-CoA reductase (PhaB). (R)-3-Hydroxybutyryl-CoA
is substrate for the polyester synthase (PhaC) and the direct precursor of P3HB
biosynthesis [2, 7]. In contrast to this, medium-chain-length PHAs are produced in
vivo from intermediates of fatty acid metabolism (see Fig. 3).

PHAs can consist of a diverse set of repeating unit structures and have been stud-
ied intensely because the physical properties of these biopolyesters can be similar
to petrochemical-derived plastics such as polypropylene (see Table 1). These bio-
logically produced polyesters have already found application as bulk commodity
plastics, fishing lines, and for medical use. PHAs have also attracted much atten-
tion as biodegradable polymers that can be produced from biorenewable resources.
Many excellent reviews on the in vivo or in vitro synthesis of PHAs and their prop-
erties and applications exist, underlining the importance of this class of polymers
[2, 6, 7, 12, 26–32].

In the large-scale production of PHAs, the extraction and purification of PHA
from biomass is a crucial factor for determining the practical importance of these
polymers. It is important that PHAs can be extracted efficiently and easily, much
like the extraction of endogenous compounds such as starch, sucrose, and oil.

Table 1 Comparison of the physical properties of the poly(3-/4-hydroxyalkanoate)s with poly-
propylene. With kind permission from Springer Science+Business Media [8]

Polyester Tg (◦C) Tm (◦C) Crystallinity
Elongation at
break (%) References

P3HB 15 175 50–80 5 [9]
P3HV −15, 0 110, 112, 118 56 [10, 11]
P3HB-co-20mol%3HV −1 145 50 [12]
P3HB-co-10mol%3HHx −1 127 [13]
P3HB-co-17mol%3HHx −2 120 850 [13]
P3HB-co-47mol%

3HV-co-16mol% 4HV-
co-15mol%3HHx-co-
2mol%3HO

−15 118 1,000 [11]

P3MB 8 100 [14]
P4HB −40 53 1,000 [10]
P(3HB-co-16%4HB) 43 444 [15]
P3HPE −11 63 [16, 17]
PHO −36 59, 61 [18–20]
PHN −39, −29 48, 54, 58
P3H6MN Not determined 65 [19, 20]
PH-p5TV 17 95 [21]
PH6PHx 4 Not determined [22]
PH5PoxV 14 Not determined [23]
PH-p-nitroPV 28 Not determined [24]
PH8-pMPoxO 14 97 [25]
Polypropylene −15 176 50 400 [12]

Tg glass transition temperature, Tm melting temperature
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There are two common protocols used for PHA extraction from bacteria. The
conventional one is based on the solubility of PHA in chloroform and insolubility in
methanol [33]. After harvest, lipids and other lipophilic components in the bacterial
cells are removed by reflux in hot methanol, followed by solubilization of PHA
in warm chloroform. PHA from chloroform solvent can be recovered by solvent
evaporation or precipitation by addition of methanol. Although highly purified PHA
is obtained by this method, a large amount of hazardous solvent is needed to repeat
the same process. Thus, this method is not environmentally friendly and unsuitable
for mass production of bioplastic. The second protocol is designed to avoid the use
of organic solvents. Bacterial cells are treated with a cocktail of enzymes (including
proteases, nucleases, and lysozymes) and detergents to remove proteins, nucleic
acids, and cell walls, leaving the PHA intact [34].

The first demonstration of in vitro P3HB synthesis in aqueous solution was
achieved by Gerngross and Martin [35]. The polymer obtained had significantly
higher molecular weight than that synthesized in vivo. This is probably due to a lack
of a chain termination step of the PHA polymerization under in vitro conditions,
similar to a living polymerization. Many other reports followed [27, 36, 38–44] and
were extensively reviewed [2, 6, 7, 12, 26–32].

2.2 Transglutaminase

Transglutaminases (systematic name: protein-glutamine:amine gamma-
glutamyltransferase; EC 2.3.2.13) belong to a class of enzymes known as amino-
acyltransferases that catalyze calcium-dependent acyl transfer reactions between
peptide-bound glutamine residues as acyl donors and peptide-bound lysine residues
as acyl acceptors, resulting in the formation of intermolecular ε-(γ-glutamyl)lysine
crosslinks.

The transamidation mechanism starts with the nucleophilic attack by the thiol
group of an active-site cysteine residue (the catalytic triad is composed of Cys-276,
His-334, and Asp-358) on the donor substrate γ-carboxamide group, leading to loss
of an equivalent of ammonia and formation of a covalent thiolester intermediate. The
acyl group of the transient thiolester is transferred to the acceptor amine substrate
in the second step [45].

Transglutaminases form a family of related enzymes found in plasma, tissues,
and extracellular media in all vertebrates. One of the best-known transglutaminases
is the well-characterized human plasma coagulation enzyme Factor XIIIa, activated
by thrombin from its tetrameric zymogen during the coagulation process. At a phys-
iological level, tissue transglutaminases are involved in normal cellular processes,
including cell adhesion [46], formation of the extracellular matrix [47], and apop-
tosis [48]. Diminished regulation of transglutaminase activity is implicated in a
number of diseases.
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Transglutaminases can recognize a broad range of primary amine acyl-acceptor
substrates in vitro. However, recognition of the acyl-donor substrate in vivo is re-
stricted to the γ-carboxyamide of glutamine within an apparently relatively small
subset of sequence contexts

In vitro, the enzyme is able to catalyze crosslinking of whey proteins, soy pro-
teins, wheat proteins, beef myosin, casein, and crude actomyosin (which is refined
from mechanically deboned meat), improving functional properties such as the tex-
ture of food products [49–53]. Bonds formed by transglutaminase exhibit a high
resistance to proteolytic degradation [54].

Although the main applications of microbial transglutaminases remain in the
food sector, novel potential applications have emerged during the last decade. These
applications cover the areas of biomedical engineering, material science, textiles
and leather processing. For a recent excellent review by Zhu and Tramper see [55].

Transglutaminases can be used for improving the properties of protein-based fab-
rics such as wool, leading to a higher tensile strength after chemical or protease
pretreatment [56, 57]. Besides crosslinking, transglutaminases were employed for
grafting/coating of wool fabrics with silk sericin or keratin, leading to increased
bursting strength and softness, and reduced felting shrinkage [58, 59].

In biomedical applications, transglutaminases have been used for tissue engi-
neering materials such as enzymatically crosslinked collagen [60–63] or gelatin
scaffolds [64–69]. Even melt-extruded guides based on enzymatically crosslinked
macromolecules for peripheral nerve repair have been reported [70].

Transglutaminases have just become recently available in larger quantities and
high purity due to microbiological production of the enzyme instead of extraction
from animal tissue. It can be expected that this enzyme will be used more frequently
in the future for food and non-food applications.

3 Glycosyltransferases (EC 2.4)

Glycosyltransferases (GTs) are important biological catalysts in cellular systems,
generating complex cell surface glycans involved in adhesion and signaling pro-
cesses. Recent advances in glycoscience have increased the demand to access
significant amounts of glycans representing the glycome.

GTs catalyze the transfer of a sugar moiety from an activated donor sugar onto
saccharide and nonsaccharide acceptors. GTs can be divided into the Leloir and
non-Leloir types according to the type of glycosyl donors they use [71]. Non-Leloir
glycosyltransferases typically use glycosyl phosphates as donors, whereas Leloir
glycosyltransferases utilize sugar nucleotides as donors and transfer the monosac-
charide with either retention (retaining enzymes) or inversion (inverting enzymes)
of the configuration of the anomeric center. Most of the GTs responsible for the
biosynthesis of mammalian glycoproteins and glycolipids are Leloir GTs.

GTs now play a key role for in vitro synthesis of oligosaccharides, and the bac-
terial genomes are increasingly utilized for cloning and overexpression of active
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transferases in glycosylation reactions [72–77]. In a recent excellent review by
Homann and Seibel, possible ways to tailor-make biocatalysts by enzyme engineer-
ing and substrate engineering are summarized [78].

An established industrial process is the fermentative production of oligo- and
polysaccharides (α-glucans) by lactic acid bacteria, e.g., dextran by Leuconos-
toc mesenteroides. Such polymers are used in the food industry, as additives for
dyes, and in health care [79, 80]. Differences in the type of glycosidic linkage,
the degree and type of branching, and the molecular mass of glucans available at
present show promising variations in structural and functional properties, which
need to be elucidated further. Known are dextrans with different structural speci-
ficities [α-1,6-bound glucose (Glc) backbone, with α-1,2 and α-1,3 side chains]
[81, 82], mutan (α-1,3-bound Glc units) [83], alternan (α-1,6- and α-1,3-bound
Glc units) [84], and amylose/reuteran (α-1,4- bound Glc units) [85]. In addition
to defined polymers, oligosaccharides with specific structures are urgently needed.
Oligosaccharides currently produced for commercial markets, including isomal-
tooligosaccharides, leucrose, and palatinose, are of interest in the fields of food,
pharmacy, and cosmetics because of their ability to prevent and treat diseases from
various biological origins [86, 87].

In this section, enzymes in the EC 2.4. class are presented that catalyze valuable
and interesting reactions in the field of polymer chemistry. The Enzyme Commis-
sion (EC) classification scheme organizes enzymes according to their biochemical
function in living systems. Enzymes can, however, also catalyze the reverse reaction,
which is very often used in biocatalytic synthesis. Therefore, newer classification
systems were developed based on the three-dimensional structure and function of
the enzyme, the property of the enzyme, the biotransformation the enzyme cat-
alyzes etc. [88–93]. The Carbohydrate-Active enZYmes Database (CAZy), which
is currently the best database/classification system for carbohydrate-active enzymes
uses an amino-acid-sequence-based classification and would classify some of the
enzymes presented in the following as hydrolases rather than transferases (e.g.
branching enzyme, sucrases, and amylomaltase) [91]. Nevertheless, we present
these enzymes here because they are transferases according to the EC classification.

3.1 Phosphorylase

In the field of polymer science, the most extensively used transferase is phospho-
rylase (systematic name: (1→4)-α-D-glucan:phosphate α-D-glucosyltransferase;
EC 2.4.1.1). Although this enzyme is responsible for the depolymerization of linear
α-(1→4) glycosidic chains in vivo it can also be used to synthesize linear α-(1→4)
glycosidic chains (amylose) in vitro.

In vivo linear α-1,4-glucans are synthesized from ADP-glucose by the enzyme
glycogen synthase [94–97]. The enzyme, as well as the monomer, are quite sensitive
and therefore most researchers (at least in the field of polymer science) prefer to use
phosphorylase for the synthesis of amylose.
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Fig. 4 Structure of (a) amylopectin and (b) amylose

Amylose is one component of starch, which is the most abundant carbohydrate
storage reserve in plants. Carbohydrates such as starch function as a reservoir of
energy for later metabolic use. It is found in many different plant organs, including
seeds, fruits, tubers, and roots, where it is used as a source of energy during periods
of dormancy and regrowth.

Starch granules are composed of two types of α-glucan, amylose and amy-
lopectin, which represent approximately 98–99% of the dry weight. The ratio of
the two polysaccharides varies according to the botanical origin of the starch.

Amylose is a linear molecule in which the glucose units are joined via α-(1→4)
glucosyl linkages. Amylopectin is a branched molecule in which about 5% of the
glucose units are joined by α-(1→6) glucosyl linkages (see Fig. 4).

In animals, a constant supply of glucose is essential for tissues such as the brain
and red blood cells, which depend almost entirely on glucose as an energy source.
The mobilization of glucose from carbohydrate storage provides a constant supply
of glucose to all tissues. For this, glucose units are mobilized by their sequential
removal from the non-reducing ends of starch. For this process three enzymes are
required in vivo:

1. Glycogen phosphorylase catalyzes glycogen phosphorolysis (bond cleavage of
the α-(1→4) bonds by the substitution of a phosphate group) to yield glucose-
1-phosphate:

glycogen (Gluc)n + Pi � glycogen (Gluc)n−1 + glucose−1−phosphate

Phosphorylase is only able to release glucose if the unit is at least five units
away from a branching point.

2. Glycogen debranching enzyme removes α-(1→6) glycogen branches, thereby
making additional glucose residues accessible to glycogen phosphorylase.

3. Phosphoglucomutase converts glucose-1-phosphate into glucose-6-phosphate,
which has several metabolic fates.
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The glycogen phosphorolysis of phosphorylase can be reverted, which makes
it possible to enzymatically polymerize amylose as well as hybrid structures with
amylose as outlined in the following section.

3.1.1 Enzymatic Polymerization of Amylose with Glycogen Phosphorylase

The existence of a phosphorylating enzyme in a higher plant was first reported by
Iwanoff, who observed that an enzyme he found in the germinating vetches Vi-
cia sativa liberates inorganic phosphate from organic phosphorous compounds [98].
Shortly after, the same enzyme was found in other vetches and wheat [99, 100], rice
and coleseed [101], barley and malt etc. Bodńar was the first to report a progressive
disappearance of inorganic phosphate (thus the reverse reaction) while incubat-
ing suspended flour from ground peas in a phosphate buffer [102]. Cori and Cori
demonstrated that animal tissues contain an enzyme that acts upon glycogen as well
[103–106]. Cori et al. suggested that the product of this reaction is α-glucopyranose-
1-phosphoric acid (also called Cori-ester), which was confirmed later by Kiessling
[107] and Wolfrom and Pletcher [108].

Glycogen phosphorylases belong to the group of vitamin B6 enzymes bearing
a catalytic mechanism that involves the participation of the phosphate group of
pyridoxal-5′-phosphate (PLP). The proposed mechanism is a concerted one with
a front-side attack, as can be seen in Fig. 5 [109]. In the forward direction, e.g.,
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Fig. 5 Catalytic mechanism of glycogen phosphorylases. The reaction scheme accounts for
the reversibility of phosphorolysis of oligosaccharides (R) in the presence of orthophosphate
(upper half ) and primer-dependent synthesis in the presence of glucose-1-phosphate (lower half ).
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with permission from [109]. Copyright 1990 American Chemical Society
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phosphorolysis of α-1,4-glycosidic bonds in oligo- or polysaccharides, the reaction
is started by protonation of the glycosidic oxygen by orthophosphate, followed by
stabilization of the incipient oxocarbonium ion by the phosphate anion, and subse-
quent covalent binding of the phosphate to form glucose-1-phosphate. The product,
glucose-1-phosphate, dissociates and is replaced by a new incoming phosphate.

In the reverse direction, protonation of the phosphate of glucose-1-phosphate
destabilizes the glycosidic bond and promotes formation of a glucosyl oxocar-
bonium ion–phosphate anion pair. In the subsequent step, the phosphate anion
becomes essential for promotion of the nucleophilic attack of a terminal glucosyl
residue on the carbonium ion. This sequence of reactions brings about α-1,4-
glycosidic bond formation and primer elongation.

This mechanism accounts for retention of configuration in both directions with-
out requiring sequential double inversion of configuration. It also provides for a
plausible explanation of the essential role of PLP in glycogen phosphorylase catal-
ysis: the phosphate of the cofactor PLP and the substrate phosphates approach each
other within a hydrogen-bond distance, allowing proton transfer and making the
phosphate of PLP into a proton shuttle that recharges the substrate phosphate anion.

The fact that glycogen phosphorylase can be used to polymerize amylose was
first demonstrated by Schäffner and Specht [110] in 1938 using yeast phosphory-
lase. Shortly after, the same behavior was also observed for other phosphorylases
from yeast by Kiessling [111, 112], muscles by Cori et al. [113], pea seeds [114]
and potatoes by Hanes [115], and preparations from liver by Ostern and Holmes
[116], Cori et al. [117] and Ostern et al. [118]. These results opened up the field
of enzymatic polymerizations of amylose using glucose-1-phosphate as monomer,
and can be considered the first experiments ever to synthesize biological macro-
molecules in vitro.

Recently Kuriki and coworkers succeeded in producing glucose-1-phosphate
in situ during the enzymatic polymerization of amylose. By using sucrose phos-
phorylase or cellobiose phosphorylase, the monomer was produced during the
polymerization from inorganic phosphate and sucrose or cellobiose, respectively
[119–121].

One of the remarkable properties of phosphorylase is that it is unable to synthe-
size amylose unless a primer is added (poly- or oligomaltosaccharide):

n(glucose−1−phospate)+ primer � amylose+ n(orthophosphate)

The kinetic behavior of the polymerization of amylose using potato phosphorylase
with various saccharides as primers was first studied by Hanes [115]. Green and
Stumpf [122] failed to detect priming action with maltose but were able to confirm
all other results by Hanes. Weibull and Tiselius [123] found that the maltooligosac-
charide of lowest molecular weight to exhibit priming activity was maltotriose,
which was confirmed by Whelan and Bailey [124], who also showed that mal-
totriose is the lowest member of the series of oligosaccharides to exhibit priming
activity (see Fig. 6).
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Fig. 6 Priming activity
of glucose and
maltooligosaccharides in the
enzymatic polymerization
using potato phosphorylase
and glucose-1-phosphate as
monomer [124] – Reproduced
by permission of Portland
Press Ltd.
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Whelan and Bailey were also able to clarify the polymerization mechanism of
the enzymatic polymerization with phosphorylase [124]. Their results showed that
the polymerization follows a “multichain” scheme in contrast to a “single-chain”
scheme that was also proposed by some authors. In the multichain polymeriza-
tion scheme, the enzyme–substrate complex dissociates after every addition step,
whereas in the single-chain scheme each enzyme continuously increases the length
of a single primer chain without dissociation.

By studying the polydispersities of amyloses obtained by enzymatic polymer-
ization with potato phosphorylase from maltooligosaccharides of various lengths,
Pfannemüller and Burchard were able to show that the reaction mechanism of the
polymerization with maltotriose as primer varies from its higher homologs [125].
The amyloses built by polymerization from maltotetraose or higher show a Pois-
son distribution [126], which can be expected from a polymerization following a
multichain scheme (random synthesis occurs and all the primer chains grow at ap-
proximately equal rates). However, a bimodal broad distribution was observed when
maltotriose was used as primer. The authors found that in the case of maltotriose as
a primer the reaction can be divided into a start reaction and the following prop-
agation, the rate of the first reaction being 400 times slower than the rate of the
propagation. Due to this start reaction not all chains start to grow at the same time,
which results in a broader distribution. The propagation again follows a multichain
reaction scheme. Suganuma et al. [127] were able to determine the exact kinetic
parameters of the synthetic as well as the phosphorolytic reaction using maltotriose
and higher maltooligosaccharides as primer and were able to confirm the results of
Whelan and Bailey [124] and Pfannemüller and Burchard [125].

3.1.2 Hybrid Structures with Amylose Blocks

The strict primer dependence of the glycogen phosphorylases makes them ideal can-
didates for the synthesis of hybrid structures of amylose with non-natural materials
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(e.g., inorganic particles and surfaces, synthetic polymers). For this, a primer
functionality (maltooligosaccharide) can be coupled to a synthetic structure and
subsequently elongated by enzymatic polymerization, resulting in amylose blocks.
Various examples of these types of hybrid materials are outlined in the following
section.

Amylose Hybrids with Short Alkyl Chains

Pfannemüller et al. showed that it is possible to obtain carbohydrate-containing
amphiphiles with various alkyl chains via amide bond formation. For this, mal-
tooligosaccharides were oxidized to the corresponding aldonic acid lactones, which
could subsequently be coupled to alkylamines [128–136]. Such sugar-based sur-
factants are important industrial products with applications in cosmetics, medical
applications etc. [137–139]. The authors were also able to extend the attached mal-
tooligosaccharides by enzymatic polymerization using potato phosphorylase, which
resulted in products with very interesting solution properties [140, 141].

Amylose Brushes on Inorganic Surfaces

Amylose brushes (a layer consisting of polymer chains dangling in a solvent with
one end attached to a surface is frequently referred to as a polymer brush) on spheri-
cal and planar surfaces can have several advantageous uses, such as detoxification of
surfaces etc. The modification of surfaces with thin polymer films is widely used to
tailor surface properties such as wettability, biocompatibility, corrosion resistance,
and friction [142–144]. The advantage of polymer brushes over other surface mod-
ification methods like self-assembled monolayers is their mechanical and chemical
robustness, coupled with a high degree of synthetic flexibility towards the introduc-
tion of a variety of functional groups.

Commonly, brushes are prepared by grafting polymers to surfaces by, e.g., chem-
ical bonding of reactive groups on the surface and reactive end groups of the attached
polymers. This “grafting to” approach has several disadvantages as it is very diffi-
cult to achieve high grafting densities and/or thicker films due to steric crowding of
reactive surface sites by already adsorbed polymers.

The “grafting from” approach (polymers are grown from initiators bound to sur-
faces) is a superior alternative because the functionality, density, and thickness of
the polymer brushes can be controlled with almost molecular precision.

The first surface-initiated enzymatic polymerization reported was the synthe-
sis of amylose brushes on planar and spherical surfaces [145]. For this, silica
or silicone surfaces were modified with self-assembled monolayers of (3 amino-
propyl)trimethoxysilane or chlorodimethylsilane, respectively. To these functionali-
ties, oligosaccharides were added via (a) reductive amidation of the oligosaccharides
to surface-bound amines, (b) conversion of the oligosaccharide to the according al-
donic acid lactone and reaction with surface bound amines, and (c) incorporation
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of a double bond to the oligosaccharide and subsequent hydrosililation to surface-
bound Si-H functions. The surface-bound oligosaccharides could be enzymatically
elongated, using potato phosphorylase and glucose-1-phosphate as monomer, to
amylose chains of any desired length. The degree of polymerization could be
determined by spectrometric measurement of the liberated amount of inorganic
phosphate [146], which was confirmed by cleavage of the amylose brushes (either
enzymatically or by prior incorporation of light-sensitive spacers) and subsequent
characterization of the free amylose chains. The obtained amylose-modified sur-
faces showed good chiral discrimination when employed as column materials in
chiral affinity chromatography. Modification of the OH groups of the amylose
brushes even enhanced the separation strength of the developed column materials
(Loos, unpublished results). The results were recently confirmed by Breitinger, who
attached maltooligosaccharides to surfaces via acid-labile hydrazide linkers, and en-
zymatically extended the chains using potato phosphorylase [147].

Copolymers with Amylose

The combination of oligo- or polysaccharides with non-natural polymeric structures
opens up a novel class of materials. By varying the chain topology of the individual
blocks as well as of the whole copolymer, the type of blocks, the composition etc.,
a complete set with tailor-made properties can be designed.

Amylose is a rod-like helical polymer consisting of α-(1→4) glycosidic units.
A measurement of the stiffness of a polymer is afforded by the so-called persistence
length, which gives an estimate of the length scale over which the tangent vectors
along the contour of the chains backbone are correlated. Typical values for persis-
tence lengths in synthetic and biological systems can be several orders of magnitude
larger than for flexible, coil-like polymers. Rod-like polymers have been found to
exhibit lyotropic liquid crystalline ordered phases, such as nematic and/or layered
smectic structures with the molecules arranged with their long axes nearly paral-
lel to each other. Supramolecular assemblies of rod-like molecules are also capable
of forming liquid crystalline phases. The main factor governing the geometry of
supramolecular structures in the liquid crystalline phase is the anisotropic aggrega-
tion of the molecules.

Copolymeric systems with amylose are therefore systems in which at least one
component is based on a conformationally rigid segment, and are generally referred
to as rod–coil systems [148–151]. By combining rod-like and coil-like polymers,
a novel class of self-assembling materials can be produced since the molecules
share certain general characteristics typical of diblock molecules and thermotropic
calamitic molecules. The difference in chain rigidity of rod-like and coil-like blocks
is expected to greatly affect the details of molecular packing in the condensed
phases and thus the nature of thermodynamically stable morphologies in these ma-
terials. The thermodynamically stable morphology probably originates as the result
of the interdependence of microsegregation and liquid cristallinity. From this point
of view, it is very fascinating to compare the microstructures originating in solution
and in the bulk for such materials.
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Practical applications in which copolymers are characterized by some degree of
structural asymmetry have been suggested. For instance, a flexible block may be
chosen because it donates a flexural compliance, whereas the more rigid portion
offers tensile strength. In addition to the mechanical properties, the orientational
order and the electrical conductance of certain rigid blocks could be exploited in
optical and electrical devices.

Comb-type and linear block copolymer systems with enzymatically synthesized
amylose have been reported and are outlined in the following section.

Comb-Type Copolymers with Amylose

The first comb-like structures synthesized by enzymatic “grafting from” polymer-
ization from a polymeric backbone were reported by Husemann and Reinhardt
[152, 153]. Acetobromo oligosaccharides were covalently bound to 6-trityl-2,3-
dicarbanilyl-amylose chains and subsequently elongated by enzymatic polymeriza-
tion using potato phosphorylase, the result being amylopectin-like structures with
various degrees of branching. Pfannemüller and coworkers. extended this work by
grafting amylose chains onto starch molecules. The modified starches were studied
by the uptake of iodine and by light scattering measurements of carbanilate derivates
[154] and appeared to be star-like in electron microscopy studies [155].

A full series of star-, network- and comb-like hybrid structures with oligosac-
charides were synthesized by Pfannemüller and coworkers (see Fig. 7) and it was
shown that the attached oligosaccharides can be extended via enzymatic polymer-
ization using potato phosphorylase [128, 129, 136, 156, 157].

Ca Cb D

A Ba Bb

Fig. 7 Maltotetraose hybrids with various carriers resulting in different chain architectures:
A poly(ethylene oxide); Ba and Bb poly(acrylic acid), amylose, cellulose, and other polysac-
charides; Ca cyclodextrin and multifunctional acids; Cb amylopectin; D crosslinked poly(acryl
amide) [156] – Reproduced by permission of Wiley
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Another type of comb-like amylose hybrid synthesized via enzymatic grafting
using phosphorylase is based on polysiloxane backbones. To achieve these
structures, double bonds were incorporated to the reducing end of oligosaccharides,
which were then attached to poly(dimethylsiloxane-co-methylsiloxane) copolymers
via hydrosililation [158, 159] or to silane monomers, which were subsequently
polymerized to polysiloxanes [160]. Various mono-, di-, tri- and oligosaccharides
were attached to the siloxane backbones and their solution properties studied with
viscosimetry and static and dynamic light scattering [161]. The pendant oligosac-
charide moieties could be extended by enzymatic “grafting from” polymerization
[162, 163].

Kobayashi and colleagues succeeded in attaching maltopentaose to the para po-
sition of styrene and performed free-radical polymerizations towards the homopoly-
mers [164, 165] as well as towards copolymers with acrylamide [164]. Kobayashi
and coworkers also reported the successful attachment of maltopentaose to poly(L-
glutamic acid) [166]. Kakuchi and coworkers showed that the saccharide-modified
styrene monomers could also be polymerized by TEMPO-mediated controlled radi-
cal polymerization [167]. Amylose-grafted polyacetylenes were recently reported
by Kadokawa et al. [168]. Maltooligosaccharide-grafted polyacetylene was syn-
thesized by Rh-catalyzed polymerizaton of N-propargylamide monomers having a
maltooligosacchairde chain [168] and by attaching maltoheptaonolactone to amine-
functionalized polyacetylene [169]. Kadokawa and coworkers also succeeded in
covalently attaching maltooligosaccharides to natural biopolymers such as cellu-
lose, chitin, and chitosan [170–172].

In all cases, the authors could successfully elongate the attached oligosaccha-
ride structures using enzymatic polymerization, the product being comb-type block
copolymers with amylose.

Linear Block Copolymers with Amylose

Various linear block copolymers of the AB, ABA, and ABC type containing en-
zymatically polymerized amylose blocks were reported. Ziegast and Pfannemüller
converted the hydroxyl end groups of poly(ethylene oxide) into amino groups
via tosylation and further reaction with 2-aminoalkylthiolate [173]. To the result-
ing mono- and diamino-functionalized poly(ethylene oxide), maltooligosaccharide
lactones were attached and subsequently elongated to amylose via enzymatic
polymerization [174]. Pfannemüller et al. performed a very detailed study on the
solution properties of the synthesized ABA triblock copolymers because they can
be considered model substances for “once-broken rod” chains [175]. With static and
dynamic light scattering, the authors found that the flexible joint between the two
rigid amylose blocks has no detectable effect on the common static and dynamic
properties of the chain. Using dielectric measurements however, it became obvious
that the directional properties of the electric dipoles of the broken rigid chains
showed a different behavior to the non-broken rods (pure amylose). Akyoshi et al.
also synthesized amylose-b-poly(ethylene glycol) block copolymers via enzymatic
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grafting from oligosaccharide-terminated poly(ethylene oxide) and studied the
solution properties of these amphiphilic block copolymers by static and dynamic
light scattering [176, 177].

It was also shown that the enzymatic polymerization of amylose could be started
from oligosaccharide-modified polymers that are not soluble in the medium of poly-
merization (aqueous buffers). Amylose-b-polystyrene block copolymers could be
synthesized by attaching maltooligosaccharides to anionically synthesized amino-
terminated polystyrene, and subsequent enzymatic elongation to amylose [178,
179]. Block copolymers with a wide range of molecular weights and copolymer
compositions were synthesized via this synthetic route. The solution properties of
star-type as well as crew-cut micelles of these block copolymers were studied in
water and THF, and the according scaling laws established [180]. In THF, up to
four different micellar species were detectable, some of them in the size range of
vesicular structures, whereas the crew-cut micelles in water were much more de-
fined. Bosker et al. studied the interfacial behavior of amylose-b-polystyrene block
copolymers at the air–water interface using the Langmuir–Blodgett technique [181].

Recently, two groups reported controlled radical polymerizations starting from
maltooligosaccharides (ATRP [182] and TEMPO-mediated radical polymeriza-
tion [183]), which will certainly lead to new synthetic routes towards amylose-
containing block copolymers.

Even though the products are not block copolymer structures, the work of
Kadokawa and colleagues should be mentioned here. In a process that the authors
named “vine-twining polymerization” (after the way that a vine plant grow helically
around a support rod), the enzymatic polymerization of amylose is performed in the
presence of synthetic polymers in solution, and the authors showed that the grown
amylose chains incorporate the polymers into its helical cavity while polymerizing
[184–191].

3.2 Branching Enzymes

The formation of the α-(1→6) glucosyl branches of amylopectin and glycogen is
synthesized by branching enzymes (systematic name: (1→4)-α-D-glucan:(1→4)-
α-D-glucan 6-α-D-[(1→4)-α-D-glucano]-transferase; EC 2.4.1.18).

This enzyme catalyzes the formation of α-(1→6) branching points by cleaving an
α-(1→4) glycosidic linkage in the donor substrate and transferring the nonreducing
end-terminal fragment of the chain to the C-6 hydroxyl position of an internal glu-
cose residue, which acts as the acceptor substrate [192]. Depending on its source,
branching enzymes have a preference for transferring different lengths of glucan
chains [193–196].

Recently, the in vitro synthesis of amylopectin- or glycogen-like structures via a
tandem reaction of phosphorylase and branching enzyme was reported [197–201].

Phosphorylase catalyzes the polymerization of glucose-1-phosphate in order to
obtain linear polysaccharide chains with α-(1→4) glycosidic linkages; the glycogen
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Fig. 8 Reactions catalyzed by glycogen phosphorylase (above) and glycogen branching enzyme
(below)

Fig. 9 Hybrid structures with amylopectin

branching enzyme is able to transfer short, α-(1→4) linked, oligosaccharides from
the non-reducing end of starch to an α-(1→6) position (see Fig. 8). By combin-
ing the branching enzyme with phosphorylase, it becomes possible to synthesize
branched structures via a one-pot synthesis because phosphorylase will polymerize
linear amylose and the glycogen branching enzyme will introduce the branching
points, which are again extended by phosphorylase.

As shown above, hybrid structures bearing amylose blocks can be synthesized
by covalent attachment of primer recognition units for phosphorylase and subse-
quent enzymatic “grafting from” polymerization. Following the same route, we
are currently synthesizing hybrid materials bearing (hyper)branched polysaccharide
structures (as shown in Fig. 9) with the described tandem reaction of two enzymes.
The branched structure, high amount of functional groups, and biocompatibility of
these structures make these architectures suitable for applications in the biomedical
field and in the food industry.
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3.3 Glucansucrases

Another very valuable glycosyltransferase for the construction of well-defined
polysaccharides is glucansucrase (dextransucrase; systematic name: sucrose:(1→6)-
α-D-glucan 6-α-D-glucosyltransferase; EC 2.4.1.5).

Recently Dijkhuizen and coworkers reported on a family of glucansucrases
found in Lactobacillus reuteri, which convert sucrose into large, heavily branched
α-glucans [85]. One of these glucansucrases (GTF180) [202] produces an
α-glucan with (α1 → 3) and (α1 → 6) glycosidic linkages. Kamerling and
coworkers could show that the (1 → 3, 1 → 6)-α-D-glucan of L. reuteri strain
180 has a heterogeneous structure with no repeating units present [203]. It con-
tains only α-D-Glcp-(1→6)-units in terminal position. All α-D-Glcp-(1→3) units
were shown to be 6-substituted, and the polysaccharide is built-up from different
lengths of isomalto-oligosaccharides, interconnected by single (α1 → 3) bridges.
The unique polysaccharide structure produced was suggested to be prebiotic [204].

The GTF180 enzyme shows large similarity with other glucansucrase enzymes,
but has a relatively large N-terminal variable region. Truncation of the enzyme,
by deletion of the variable region, had no effect on the linkage distribution of the
α-glucan produced [85].

Seibel and coworkers succeeded in constructing various new complex glycocon-
jugates containing thioglycosidic linkages to different glycopyranosides (galactose,
glucose, neuraminic acid) (producing branched thiooligosaccharides) by changing
the chemoselectivity of the various glucansucrases from α-1,6- to α-1,2-, α-1,3- or
α-1,4-linked glucose [205].

Seibel and coworkers also showed that the mutagenesis is an effective tool for al-
tering the regioselectivity and acceptor-substrate specificity of glucansucrase GTFR
of Streptococcus oralis, a dextran-producing enzyme. By random mutagenesis, they
were able to switch the regioselectivity and acceptor specificity of GTFR of S. oralis
towards synthesis of (a) various short chain oligosaccharides or (b) novel (mutan)
polymers with completely altered linkages, without compromising its high transg-
lycosylation activity [206].

3.4 Levansucrase

Dijkhuizen and coworkers identified and characterized a Lactobacillus levansucrase
(systematic name: sucrose:[6)-β-D-fructofuranosyl-(2→]n α-D-glucopyranoside
6-β-D-fructosyltransferase; EC 2.4.1.10) from L. reuteri strain 121, which could
produce a high molecular weight levan polysaccharide from fructose [207].

3.5 Amylomaltase

Glycosyltransferases are also used extensively to modify natural polysaccha-
rides. Thermoreversible gels that retrograded reversibly – comparable to gelatin
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gels – from enzymatically modified starch using amylomaltase were reported
recently [208–213].

Amylomaltase (4-α-glucanotransferase; systematic name: (1→4)-α-D-glucan:
(1→4)-α-D-glucan 4-α-D-glycosyltransferase; EC 2.4.1.25) catalyzes the glucan-
chain transfer from one α-1,4-glucan to another α-1,4-glucan (or to the 4-hydroxyl
group of glucose), or within a single linear glucan molecule to produce a cyclic-α-
1,4-glucan [213–215]. The enzyme was first found in Escherichia coli, but seems
to be distributed in various bacterial species with different physiological functions.
In E. coli, amylomaltase is expressed with glucan phosphorylase from the same
operon. Amylomaltase is a member of the maltooligosaccharide transport and uti-
lization system and plays a role in converting short maltooligosaccharides into
longer chains, upon which glucan phosphorylase can act [216]. The name amyloma-
ltase is used for the microbial 4-α-glucanotransferases, whereas the plant counter-
parts are usually called disproportionating enzymes (D-enzymes) [212, 214, 215].

Typically, enzymatic modification of starch employs hydrolyzing enzymes
such as α-amylase, pullulanase, and glucoamylase. These hydrolyze the α-1,4- or
α-1,6-glycosidic bonds in amylose and amylopectin by first breaking the glycosidic
linkage and subsequently using a water molecule as acceptor substrate. Amylo-
maltases also initially break the glycosidic linkage but, instead of water, they use
another oligosaccharide as an acceptor substrate and form a new glycosidic linkage.
Amylomaltases can use high molecular weight starch as both donor and acceptor
molecule and can catalyze the transfer of long α-1,4-glucan chains [217], or even
highly branched cluster units of amylopectin.

3.6 Hyaluronan Synthase

Hyaluronan (HA) is a nonsulfated non-epimerized linear glycosaminoglycan
(GAG) existing in vivo as a polyanion of hyaluronic acid and composed of
repeating disaccharide units of D-glucuronic acid and N-acetyl-D-glucosamine
[GlcAβ(1→3)GlcNAcβ(1→4)] [218–220]. It is a major constituent of the extra-
cellular matrix (ECM) of the skin, joints, eye, and many other tissues and organs.
Despite the simple structure of this macromolecule, the complexity of its physico-
chemical properties and biological functions is tremendous. HA has extraordinary
hydrophilic, rheological, and signaling properties and is viscoelastic. This naturally
occurring biopolymer is dynamically involved in many biological processes, such
as embryogenesis, inflammation, metastasis, tissue turnover, and wound healing.

The isolation, purification, and identification of nearly pure HA have been the
center of scientific interest for many decades. The bacterial production of HA by
Streptococcus equi [221] and Streptococcus zooepidemicus [222] enabled it to be
produced in larger quantities than could be achieved by extraction methods alone.
HA produced by S. equi has a lower molecular weight than does HA produced
by S. zooepidemicus, which has a MW of about 1.8–2× 106 Da with a yield of
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around 4 g HA per liter of the cultivated solution. At present, HA from various
sources, with different degrees of purity and molecular weights, is available for
medical applications.

HA is synthesized by hyaluronan synthase (systematic name: alternating
UDP-α-N-acetyl-D-glucosamine:β-D-glucuronosyl-(1→3)-[nascent hyaluronan]
4-N-acetyl-β-D-glucosaminyltransferase and UDP-α-D-glucuronate:N-acetyl-
β-D-glucosaminyl-(1→4)-[nascent hyaluronan] 3-β-D-glucuronosyltransferase; EC
2.4.1.212) [223–226]. Hyaluronan synthase (HAS) is a single protein glycosyl-
transferase that is able to transfer two different monosaccharides, whereas most
glycosyltransferases catalyze one glycosidic transfer reaction exclusively.

Markovitz et al. successfully characterized the HAS activity from Streptococcus
pyogenes and discovered the enzyme’s membrane localization and its requirements
for sugar nucleotide precursors and Mg2+ [227]. DeAngelis et al. were the first to
succeed in the molecular cloning and characterization of the Group A Streptococcal
gene encoding the protein HasA, known to be in an operon required for bacterial HA
synthesis [228, 229]. Following this, sequences of the genes encoding other HAS
proteins were identified using molecular biological techniques [220, 224, 225, 230–
243]. However, still little is known about the structure and mechanism of HAS.

The in vitro synthesis of HA oligomers and polymers using HAS and UDP–
sugars was reported by the group of Paul DeAngelis. The monosaccharide units
from UDP–GlcNAc and UDP–GlcA are transferred sequentially in an alternating
fashion to produce the disaccharide repeats of the heteropolysaccharide. Recombi-
nant derivatives of one HAS, PmHAS from the gram-negative bacterium Pasteurella
multocida type A [233], have proved to be very useful for chemoenzymatic synthe-
ses of both oligosaccharides [244] and polysaccharides [245, 246].

In 2004, the PmHAS was employed in synchronized, stoichiometrically con-
trolled polymerization reactions in vitro to produce monodisperse HA polysaccha-
ride preparations [246]. Reaction synchronization is achieved by providing the HAS
with an oligosaccharide acceptor to bypass the slow polymer initiation step in vitro.
All HA chains are elongated in parallel and thus reach the same length, yielding a
population of narrow size distribution. The synthase adds all available UDP–sugar
precursors to the nonreducing termini of acceptors in a non-processive fashion, as
in the following equation:

n(UDP−GlcA)+ n(UDP−GlcNAc)+ z(GlcA−GlcNAc)x → 2n(UDP)
+z(GlcA−GlcNAc)x+(n/z).

Therefore, size control is possible. For example, if there are many termini (i.e., z
is large), then a limited amount of UDP–sugars will be distributed among many
molecules and thus result in many short polymer chain extensions. Conversely, if
there are few termini (i.e., z is small), then the limited amount of UDP–sugars will be
distributed among few molecules and thus result in long polymer chain extensions.
With this, it became possible to synthesize highly defined HA polymer standards
that can be used for the characterization of polysaccharides by, for instance, size ex-
clusion chromatography equipped with a multi-angle light scattering detector [247].
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4 Transferases that Transfer Alkyl or Aryl Groups, Other than
Methyl Groups (EC 2.5.)

Rubber is synthesized by plants via a side branch of the isoprenoid pathway by
the enzyme rubber transferase (cis-prenyl transferase; systematic name: poly-
cis-polyprenyl-diphosphate:isopentenyl-diphosphate polyprenylcistransferase;
EC 2.5.1.20). Surprisingly, although this process has been studied for decades,
due to the labile nature of the rubber transferase and the fact that it is a membrane-
associated enzyme present in relatively low abundance, the identification of its
protein subunits remain elusive. For some recent reviews on rubber biosynthesis,
please refer to [248–251].

Natural rubber, cis-1,4-polyisoprene, is a strategically important plant-derived
commodity required for the manufacture of numerous industrial, medical, and
household items. Although more than 2500 plant species are known to produce
rubber, Hevea brasiliensis (Brazilian rubber tree) is currently the sole source of nat-
ural rubber. Most countries depend on imports of H. brasiliensis rubber to sustain
demand. Despite the increasing demand for natural rubber, the acreage for rubber
trees has diminished in recent years. Furthermore, decades of inbreeding have ren-
dered commercial H. brasiliensis varieties susceptible to abiotic stress and pathogen
attack. Due to this, an increasing interest in the development of additional sources
of natural rubber can be observed. Research on rubber-producing transgene plants,
and on identification of the genes involved in its biosynthesis and regulation has
intensified in recent years. To achieve a sustainable production of rubber from nat-
ural sources, our understanding of the molecular mechanism of rubber biosynthesis
needs to be improved.

Prenyltransferases are a class of enzymes that transfer allylic prenyl groups to
acceptor molecules. Prenyl transferases commonly refer to prenyl diphosphate syn-
thases (even though the class of prenyl transferases also includes enzymes that
catalyze the transfer of prenyl groups to acceptors that include not only isopentenyl
diphosphate (IPP) but also aromatic compounds and proteins etc.).

The reactions catalyzed by prenyltransferases are unique and interesting from a
mechanistic viewpoint. The reaction starts with elimination of the diphosphate ion
from an allylic diphosphate (APP) to form an allylic cation, which is attacked by the
IPP molecule, with stereospecific removal of a proton to form a new C–C bond and
a new double bond in the product. By repeating this type of condensation between
IPP and the allylic prenyl diphosphate product, prenyltransferase can synthesize a
prenyl diphosphate with a certain length and stereochemistry fixed by its specificity
(see Fig. 10) [252].

Rubber is synthesized and sequestered on cytsolic vesicles known as rubber par-
ticles. Rubber transferase is localized to the surface of the rubber particles, and
biosynthesis is initiated through the binding of an allylic pyrophosphate (APP, a
pyrophosphate, produced by soluble trans-prenyl transferases) primer. Progressive
additions of IPP molecules ultimately result in the formation of high molecular
weight cis-1,4-polyisoprene. The rubber transferase also requires a divalent cation,
such as Mg2+ or Mn2+, as cofactor.



44 J. van der Vlist and K. Loos

OPP OPP

n

O− O−

O−OO
O O

PPOPP

−OPP

H−CH2 CHCH2−OPP

C10

C5n

C20C15

(DMAPP) C5 (IPP) C5

H H

CHCH2-OPP

Fig. 10 Reactions catalyzed by prenyltransferases

The prenyl chain elongation catalyzed by prenyltransferases is quite unique be-
cause the reaction proceeds consecutively and terminates precisely at discrete chain
lengths according to the specificities of the enzymes. The chain length of products
varies so widely that it ranges from geraniol (C10) to natural rubber (C > 5000).

The identification and characterization of the genes and enzymes involved in
rubber biosynthesis have been slow compared with those involved in the synthesis
of other biopolymers. In fact, most of the studies thus far reported begin with rubber
particles.

Enzymatically active, partially purified (washed) rubber particles can be isolated
such that, when provided with an appropriate APP primer, magnesium ion cofactor,
and IPP monomer, rubber is produced in vitro [253–255]. Fresh latex can be sep-
arated by centrifugation into three phases. The bottom fraction (20% of the latex)
contains membrane-bound organelles. The middle fraction is called the C-serum.
The top fraction phase contains the rubber particles. Biochemical studies have es-
tablished that latex in this fractionated form is unstable. These studies also suggest
that the bottom fraction is required for initiation of polymer synthesis.

The essential precursor (APP) and monomer (IPP) are synthesized in vivo via the
isoprenoid pathway, with cytosolic acetyl-CoA being the primary building block for
the synthesis of rubber. Acetyl-CoA is converted to IPP through a pathway involv-
ing the intermediate 3-hydroxy-methyl-glutaryl-CoA [256–258]. IPP is transformed
into dimethylallyl diphosphate (DMAPP) by isomerization. DMAPP primes the se-
quential head-to-tail condensations of IPP molecules by trans-prenyltransferases to
form geranyl diphosphate (GPP, C10, monoterpenoids), farnesyl diphosphate (FPP,
C15, sesquiterpenoids) and geranylgeranyl diphosphate (GGPP, C20, diterpenoids)
(Fig. 11).

Rubber molecules are synthesized from one APP molecule, which initiates the
reaction, and the rubber polymer (cis-1,4-polyisoprene) is then polymerized by se-
quential condensations of the non-allylic IPP (magnesium cations are a required
cofactor) with release of a diphosphate at each condensation. After initiation and
elongation, a termination event occurs in which the rubber molecule is released
from the enzyme. Despite the similar process, remarkable differences exist between
plant species with respect to enzymatic reaction mechanisms and product molecular
weight.
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Fig. 11 Natural rubber is produced from a side branch of the ubiquitous isoprenoid pathway, with
3-hydroxy-methyl-glutaryl-CoA (HMG-CoA) as the key intermediate derived from acetyl-CoA by
the general mevalonic-acid pathway. Mevalonate diphosphate decarboxylase (MPP-D) produces
IPP, which is isomerized to DMAPP by IPP isomerase (IPI). IPP is then condensed in several steps
with DMAPP to produce GPP, FPP and GGPP by the action of a trans-prenyltransferase (TPT).
The cis-1,4-polymerization that yields natural rubber is catalyzed by cis-prenyltransferase (CPT),
which uses the non-allylic IPP as substrate. Reprinted from [248], with permission from Elsevier

The exact mechanism of polymer initiation is unknown. Initiation of rubber syn-
thesis has been studied in several plants and a common finding is that the end
groups found in low molecular weight rubber (such as rubber from goldenrod and
H. brasiliensis leaves) are not made up of cis-isoprene units, unlike the bulk of the
rubber [259, 260]. Structural studies [261, 262] have led to the suggestion that the
C15 FPP may be the most common initiator in vivo, at least in H. brasiliensis.

Although many different APPs are effective initiators of rubber biosynthesis,
only IPP can be used as the source of isopentenyl monomer for the cis-1,4-
polymerization of the rubber polymer.

All rubber transferases exhibit similar kinetic constants and pH optima, and are
able to accept a similar range of APPs as initiating substrate [263, 264]. In vitro
studies have shown that several compounds (DMAPP, GPP, FPP, and GGPP) can
initiate rubber biosynthesis, with a faster rate of rubber biosynthesis the longer the
APP (up to C15 or C20) [254, 265]. Non-natural APPs were also shown to be able
to function as a primer for the rubber biosynthesis [266].

The cDNAs of the cis-prenyltransferase of H. brasiliensis was successfully iden-
tified and expressed in E. coli. The in vitro polymerization of IPP after initiation
with FPP using the expressed cis-prenyltransferase resulted in low degrees of poly-
merization [267, 268]. After addition of rubber particles to this polymerization, the
molecular weight increased tremendously [269]. It can be concluded that the rub-
ber particles are essential for rubber biosynthesis. Katarina Cornish established a
detailed structural model of the in vivo synthesis of natural rubber in the rubber par-
ticle monolayer membrane and partially explained this behavior (see Fig. 12) [251].
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Fig. 12 Scheme depicting, to scale, a section of the surface monolayer biomembrane surrounding
a P. argentatum rubber particle and the intermingling of the phospholipid fatty acid chains with the
pure rubber core. Natural rubber is synthesized from IPP with an APP, most probably FPP, as an
essential initiator. Both substrates are hydrophilic and are synthesized in the cytosol. The rubber
transferase active site containing IPP (yellow) and allylic-PP (green) binding sites, and a non-
specific hydrophobic binding region (pink) is drawn twice. The site on left of the schema contains
bound IPP and FPP (the magnesium cofactor is not shown). Catalysis then would occur, leading to
condensation of the two molecules and the release of pyrophosphate. The active site drawn in the
middle of the schema is shown containing a short molecule of natural rubber (cis-1,4-polyisoprene)
originally initiated by FPP. The trans,trans tail of the rubber molecule derived from FPP is visible.
The active sites are positioned so that the hydrophilic pyrophosphate of FPP is aligned to the polar
headgroup region of the membrane. Kinetic studies suggest that FPP traverses the active site as
shown. Both models show the same physical position for the membrane–rubber interface [251] –
Reproduced by permission of The Royal Society of Chemistry

Rubber appears to be a metabolic dead-end because there have been no findings
of enzymes capable of breaking down the rubber in latex. The exact termination
reaction of the rubber polymerization is not known. Different end-groups have
been detected by NMR in rubber purified from a range of species, indicating that
molecule dephosphorylation and release may involve esterification, cyclization, or
hydrolysis [262].

In Hevea, the MW of the polymer has a bimodal distribution with some polymers
in the range of 106 Da and others 105 Da. Both the Hevea polymers and the C55–
C120 oligomeric isoprenes appear to have well-controlled molecular weights [270].
In vitro studies reveal the size of the polymer is related to the relative concentrations
of the putative primer (farnesyl pyrophosphate or geranylgeranyl pyrophosphate)
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Fig. 13 Synthesis of polyisoprenyl diphosphates. (a) Biosynthetic pathway in archaea. (b) Con-
cept of the organic–aqueous dual-phase system. The light- and dark-shaded areas indicate the
aqueous and organic phases, respectively. Double-headed and single-headed arrows indicate iso-
merization by IDI and consecutive condensation by IDS, respectively. Reprinted from [271], with
permission from Elsevier

and IPP [270]. The higher the ratio of primer to substrate, the shorter the chains.
Thus, it is likely that the granule and its associated proteins in conjunction with
the elongation protein(s) will play a critical role in chain length control and will be
different from in vitro studies.

Recently Fujiwara et al. reported on the in vitro polymerization of trans-
polyisoprene using the enzymes isopentenyl diphosphate isomerase (IDI) and
trans-isoprenyl diphosphate synthase (IDS) [271]. IDI catalyzes the interconversion
of IPP and DMAPP. IDS can now catalyze the polymerization of IPP from DMAPP
as outlined above for the synthesis of natural rubber, and as outlined in Fig. 13a.
However, the condensation process is inhibited due to hydrophobic interaction be-
tween IDS and hydrocarbon of the longer products. The hydrophobic chain of the
elongating product does not readily protrude into the aqueous phase and it tends
to interact with the enzyme. To achieve an efficient in vitro synthesis, the authors
used an organic–aqueous two-liquid phase system to successfully synthesize (low
molecular weight) trans-polyisoprene (see Fig. 13b).

5 Conclusions

It is obvious that transferases are powerful catalysts for the enzymatic synthesis of
interesting polymer systems such as polyesters, polysaccharides, and polyisoprenes.
Considering the range of reactions that transferases can in principle catalyze, it can
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be expected that more catalytic systems towards other polymeric materials will be
developed in the future.

Despite their potential for synthesizing interesting polymeric materials many
transferases are very sensitive biocatalysts, which prevents their isolation on a larger
scale and/or their use for synthesizing polymer on a reasonable scale. However, it
can be expected that with new biotechnological methods it will become possible to
obtain transferases with enhanced stability that can be used more frequently in poly-
mer synthesis. Driven by the discovery of many novel enzymes, synthesis routes in
which one or all of the steps are biocatalytic have advanced dramatically in re-
cent years through advances in recombinant DNA technology (which allows both
more efficient production and targeted or combinatorial alterations of individual
enzymes), and through developments towards higher stability and volumetric pro-
ductivity. Design rules for improving biocatalysts are increasingly precise and easy
to use.

Considering the macromolecules discussed in this chapter (polyester, polysac-
charides, and rubber) there can be no doubt that new approaches to synthesize them
via enzymatic polymerization will have a huge impact.
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Hydrolases Part I: Enzyme Mechanism,
Selectivity and Control in the Synthesis
of Well-Defined Polymers

Martijn A.J. Veld and Anja R.A. Palmans

Abstract Lipases are highly activity in the polymerization of a range of monomers.
Both ring-opening polymerization of cyclic esters and polycondensation reactions
of AA–BB and AB monomers have been investigated in great detail. This paper
reviews the increased understanding in enzymatic strategies for the production of
well-defined polymers. Major advantages of enzymatic catalysts are the relatively
mild reaction conditions, and the often-observed excellent regio-, chemo-, and enan-
tioselectivity that allow for the direct preparation of functional materials. However,
as a result of the monomer activation mechanism, polymers of low polydispersity
and low quantitative degree of endgroup functionality are difficult to attain. A wide
variety of (co)polymers have been synthesized and explored in a variety of applica-
tions using lipase catalysts.

Keywords (Co)polyesters · Lipase · Mechanism · Polycondensation · Ring-
opening polymerization
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Abbreviations

BHB Bis(hydroxymethyl)butyric acid
CALB Candida antarctica Lipase B
CL ε-Caprolactone
DMP 2,4-Dimethyl-pentan-3-ol
DO p-Dioxanone
DXO 1,5-Dioxepan-2-one
HEA hydroxyethyl acrylate
HEMA hydroxyethyl methacrylate
LCCC Liquid chromatography under critical conditions
Mn Number-average molecular weight
3MP 3-Mercaptopropionic acid
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OC 2-Oxo-12-crown-4
pCL Poly(ε-caprolactone)
PDL ω-Pentadecanolactone
PDI Polydispersity index
ROP Ring-opening polymerization
SEC Size exclusion chromatography
TMC Trimethylene carbonate
VL δ-Valerolactone

1 Introduction

Well-defined (co)polyesters and polyester-based architectures can nowadays be ac-
cessed by a wide variety of organometallic [1–4] and organocatalytic [5] catalysts,
and applications in advanced materials for biomedical applications and nanotech-
nology are foreseen in the near future [6, 7]. Also, enzymes are perfectly equipped
to convert monomers into polymers with high enantio-, regio-, and chemoselectivity
[8, 9]. More specifically, in the last decade lipases have been shown to be outstand-
ing catalysts for polymerization reactions as a result of their broad substrate scope,
high activity, and excellent stability in a broad range of reaction media. Lipases
are powerful catalysts for the preparation of polyesters, polycarbonates, and even
polythioesters and polyamides. Moreover, a variety of different polymer architec-
tures such as (block) copolymers and graft copolymers have been prepared using
chemoenzymatic approaches [10].
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This chapter will deal with the mechanistic features of lipases and how these
affect the polymerizability of monomers. Although several lipases are capable of
catalyzing polymerization reactions, Novozym 435 – an immobilized preparation
of Candida antarctica Lipase B (CALB) on a crosslinked porous resin – is to date
by far the most active biocatalyst. As a result, we will mainly focus on the use of
CALB or Novozym 435 unless otherwise noted. Polyesters are especially interesting
for future biomaterials and, as a result, approaches using lipase catalysis have been
investigated in great detail over the past decade. The synthesis of other highly in-
teresting polymers such as polycarbonates, polyamides, and polythioesters has been
pursued with less rigor but a number of exciting results have appeared in literature.
Excellent reviews have recently focused on the details of the different types of poly-
mers that can be accessed via lipase catalysis [11–13]. In this chapter, we review the
intrinsic possibilities of commercially available and easy-to-handle Novozym 435 in
the field of enzymatic polymerizations, concentrating on results of the last decade.
Moreover, we will also address the limitations that arise from applying lipases in
the preparation of well-defined polymers.

2 Reaction Mechanism of Lipases and Implications
for Monomer Acceptance in the Acylation
and Deacylation Step

Lipases belong to the subclass of serine hydrolases, and their structure and reac-
tion mechanism are well understood. Their common α/β-hydrolase enzyme fold is
characterized by an α-helix that is connected with a sharp turn, referred to as the
nucleophilic elbow, to the middle of a β-sheet array. All lipases possess an identical
catalytic triad consisting of an Asp or Glu residue, a His and a nucleophilic Ser [14].
The latter residue is located at the nucleophilic elbow and is found in the middle of
the highly conserved Gly−AA1−Ser−AA2−Gly sequence in which amino acids
AA1 and AA2 can vary. The His residue is spatially located at one side of the Ser
residue, whereas at the opposite side of the Ser a negative charge can be stabilized in
the so-called oxyanion hole by a series of hydrogen bond interactions. The catalytic
mechanism of the class of α/β-hydrolases is briefly discussed below using CALB as
a typical example, since this is the most commonly applied lipase in polymerization
reactions [15].

The catalytic triad of CALB consists of Asp187, His224, and Ser105 while the
oxyanion hole is formed by the backbone amide protons of Thr40 and Gln106 and
the side chain of Thr40 [16–18]. First, a substrate reversibly complexes to the free
enzyme (Fig. 1 top left), thereby forming a Michaelis–Menten complex. After cor-
rect positioning of the substrate, nucleophilic attack of Ser105 onto the substrate
carbonyl group occurs and a first tetrahedral intermediate is formed (Fig. 1 top
right). In this tetrahedral intermediate, the negative charge on the former substrate
carbonyl oxygen is stabilized by threefold hydrogen bonding interactions with the
oxyanion hole, whereas the positive charge on His224 is stabilized by interaction
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Fig. 1 Catalytic mechanism of CALB showing an acylation and deacylation step and the forma-
tion of a covalently bound acyl-enzyme intermediate (bottom right) [16]

with Asp187. Subsequently, proton transfer from His224 to the substrate alkyl
oxygen takes place and the alcohol part of the substrate is liberated from the en-
zyme. As a result, a covalently bound acyl-enzyme intermediate is formed at the
end of the acylation step (Fig. 1 bottom right). In case of polymerization reactions,
this is referred to as the enzyme-activated monomer. Then, the acyl-enzyme interme-
diate is deacylated by an incoming nucleophile (R′′NuH) which generally is water,
an alcohol, or an amine. A second tetrahedral intermediate is formed by attack of
the nucleophile onto the acyl-enzyme carbonyl group (Fig. 1 bottom left). In this
process, the proton is transferred from the nucleophile to the His224 residue and the
positive and negative charges are effectively stabilized by Asp187 and the oxyanion
hole, respectively. Then, the proton is transferred from the His224 residue to the
Ser105 alkyl oxygen while restoring the carbonyl bond of the bound substrate. As
a result, a weakly bound enzyme–product complex is formed and the free enzyme
species is regenerated after release of the reaction product.

The natural substrates of lipases are triglycerides and, in an aqueous environ-
ment, lipases catalyze their hydrolysis into fatty acids and glycerol. In anhydrous
media, lipases can be active in the reverse reaction [19]. In fact, in the acylation
step, acids, lactones, (cyclic) carbonates [20, 21], cyclic amides [22, 23], (cyclic)
thioesters [24, 25], and cyclic phosphates [26] have been found to act as suitable
acyl donors. In the deacylation step, apart from water, lipases also accept alcohols
[27], amines [28, 29], and thiols [30] as nucleophiles although the specificity of
lipases is lower for amines and thiols than for water and alcohols [31].
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Table 1 Overview of nucleophiles and acyl donors accepted by lipases and the resulting polymers

(Di)acyl donor (Di)nucleophile Polymers prepared References

Polycondensation
R-CO-OH Alcohol Polyesters [32–41]

Thiol Polythioesters [42, 43]
R-CO-OR′ Alcohol Polyesters [44–51]

Amine Polyamides [52–54]
Thiol Polythioesters [25, 43]

R-O-CO-OR′ Alcohol Polycarbonates [55–57]
Ring-opening polymerization
R-CO-OR′ (cyclic) Alcohol/water Polyesters [58–81]
R-O-CO-OR′ (cyclic) Alcohol/water Polycarbonates [82–93]
R-CO-NH-R′ (cyclic) Water Polyamides [22]
R-CO-SR′ (cyclic) Water Polythioesters [25]

Combining (di)acyl donors with (di)nucleophiles allows access to a wide variety
of functional groups and, thus, polymers. Table 1 gives an overview of the different
polymers that have been prepared employing lipase catalysis. Two types of poly-
merization reactions are distinguished: the polycondensations and the ring-opening
polymerizations (ROPs) of cyclic monomers. The latter require only a small amount
of nucleophile to initiate the polymerization reaction, whereas in the polyconden-
sations, acyl donor and nucleophile must be present in stoichiometric amounts.
The following sections will deal in detail with the different types of polymers –
polyesters, polycarbonates, polyamides, and polythioesters – that have been pre-
pared using lipase catalysis.

3 Polyesters

The preparation of a variety of (co)polyesters using lipases has been described in
detail and a number of applications are currently being investigated [6, 7, 11–13].
Polyesters can be accessed via the three different routes depicted in Fig. 2. ROP of
cyclic esters (route a, Fig. 2) have been thoroughly investigated by the groups of
Kobayashi and Gross [8, 9, 11, 12]. In this case, no condensation product is formed,
which allows, in principle, the preparation of high molecular weight polyesters. In
polycondensation reactions of AA–BB-type monomers such as diacids or diesters
and diols (route b, Fig. 2), or polycondensation reactions of AB-type monomers
such as ester or acid alcohol monomers (route c, Fig. 2), a condensation product
(water or an alcohol) is formed that needs to be removed in order to reach high
conversions.

We will first focus on the implications of the catalytic activation mechanism of
lipases, namely monomer activation, on the attainable chains lengths and polydis-
persity when cyclic esters are converted into polyesters. Moreover, the control of



60 M.A.J. Veld and A.R.A. Palmans

+

O

O

OR
RO

lipase

O
H

O

O

O

OH
n

+ 2n R-OH
b

c
RO

OH
O

x
RO

O
O

Hx

lipase

n
+ n R-OH

a
R-OH +

lipase

n

n n

n

HO OHx y x y

O

O

x

RO O
H

O

x n

Fig. 2 Synthetic routes to procure polyesters using lipase catalysis: (a) ROP of cyclic esters,
(b) polycondensation of AA–BB monomers, and (c) polycondensation of AB monomers

monomer sequence during ROP and the endgroup fidelity will be discussed. Then,
we will briefly discuss the application of lipases in polycondensation reactions, con-
centrating on the production of multifunctional polyesters in a one-step approach.

3.1 Lipase-Catalyzed ROP of Cyclic Esters

3.1.1 Monomer Activation During ROP

In lipase-catalyzed ROP, it is generally accepted that the monomer activation pro-
ceeds via the formation of an acyl-enzyme intermediate by reaction of the Ser
residue with the lactone, rendering the carbonyl more prone to nucleophilic attack
(Fig. 3) [60–64, 94]. Initiation of the polymerization occurs by deacylation of the
acyl-enzyme intermediate by an appropriate nucleophile such as water or an alcohol
to produce the corresponding ω-hydroxycarboxylic acid or ester. Propagation, on
the other hand, occurs by deacylation of the acyl-enzyme intermediate by the termi-
nal hydroxyl group of the growing polymer chain to produce a polymer chain that
is elongated by one monomer unit.

Mechanistic investigations of lipase-catalyzed ROP of unsubstituted lactones
revealed that the polymerizations follow Michaelis–Menten kinetics and that the
formation of the acyl-enzyme intermediate is the rate-determining step [62]. In
substituted lactones, depending on the size of the substituent, the deacylation step
can become rate-determining [65]. The determination of the Michaelis–Menten
constant, KM, and the maximal rate of polymerization, Vmax, of unsubstituted lac-
tones of varying ring size showed that KM is relatively independent of the ring
size, and that no obvious trend could be discerned for Vmax [66, 67]. Interest-
ingly, lactones possessing a cisoid ester bond conformation appeared less reactive in
CALB-catalyzed reactions than did large ring lactones in a transoid conformation
(Fig. 4a). This is an opposite trend to that of the chemical reactivity of lactones,
where ring strain in the small cisoid lactone is the driving force for reaction and
polymerization [96].
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Fig. 3 Proposed mechanism for lipase-catalyzed ROP of lactones [63]

a

b

Fig. 4 (a) Cisoid and transoid conformation of the ester bond. (b) Productive and unproductive
binding due to the cisoid or transoid nature of the ester bond in lactones in the CALB active
site [95]

Research by Veld et al. to understand the reactivity of cisoid and transoid ester
bonds in more detail focused on docking studies of small lactones (δ-valerolactone,
VL, and ε-caprolactone, CL) and a medium-sized lactone (heptanolactone, HL) in
the active site of CALB [95]. Although VL and CL possess a cisoid conformation
of the ester bond in the ring, HL and all other large ring lactones and open chain es-
ters (mostly) posses low-energy transoid ester bond conformations (Fig. 4a). For the
cisoid lactones, competitive inhibition by wrongly bound substrate appeared to be
responsible for the low experimentally observed reactivity (Fig. 4b). Hence, the
reactivity of lactones in CALB-catalyzed reactions is governed by the cisoid or
transoid nature of the ester bond. Despite the high chemical reactivity of cisoid ester
bonds, the enzymatic reactivity of cisoid esters is much lower. This finding suggests
that in a ROP of lactones to polyesters, in which a monomer-activated mechanism
is operational, the polyester product can be more reactive in the activation step than
the lactones substrate. This will have important implications for the ability to control
the polydispersity, molecular weight, and endgroup fidelity in lipase-catalyzed ROP.
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3.1.2 Control Over Polydispersity and Molecular Weight
in ROP of Lactones

Numerous comparative studies on the ROP of CL in organic solvents have been
conducted to enhance the mechanistic and kinetic understanding of lipase-catalyzed
ROP. Investigated reaction parameters are, for example, the enzyme origin [62, 97–
100], concentration of monomer [70], temperature [68, 69], organic solvent [61,
101], and water content [72, 73]. Enzymatic ROP reactions have also been investi-
gated in alternative solvents such as supercritical media [102–104] and ionic liquids
[105, 106].

CL is a particularly interesting monomer because it has a high ring strain,
making it reactive in (chemical) ROP [107]. Its corresponding polymer, poly(ε-
caprolactone) (pCL), has been evaluated in a number of biomedical applications.
A key factor in the lipase-catalyzed ROP of CL is the ability to control the poly-
dispersity and molecular weight during the polymerization reaction. Gross and
coworkers proposed that the ROP of CL is pseudo-living, based on linearity of the
ln(1-conversion) versus time plots and the linear increase of molecular weight with
conversion [60]. However, the polydispersities (polydispersity index, PDI, was typ-
ically between 1.5 and 2.0) suggested a limited control during the polymerization.
Moreover, at high substrate conversions (>80%), deviations from linearity appeared
that were attributed to concomitant condensation reactions [64]. In fact, most papers
dealing with lipase-catalyzed ROP report a PDI in the range of 2.0 for unprecipi-
tated samples, showing that side reactions also occur during the ROP. The fact that a
lipase can activate every ester bond, and preferably accepts transoid ester bonds as
substrates, implies that transacylation reactions will always compete with monomer
activation during the polymerization. In other words, competing transacylation re-
actions and chain transfer cannot be avoided during lipase-catalyzed polymerization
reactions. A PDI of 2.0 is expected as a result of the statistically randomized chain
length distribution.

Control over the molecular weight, on the other hand, has been achieved reason-
ably well. In the absence of water, high molecular weight polyesters are typically
obtained [74, 75, 108], whereas increasing the water content (which acts as an ini-
tiator) leads to a higher number of polymer chains and thus lower molecular weight
polyesters [64, 101]. Also, the use of initiators containing an alcohol allows the
preparation polymers of predictable molecular weight [72, 76, 109, 110].

3.1.3 Endgroup Fidelity in Lipase-Catalyzed ROP of Lactones

A second key factor in the lipase-catalyzed ROP of CL is the ability to control
the nature of the endgroups. This has important consequences in preparation of
α,ω-functionalized polyesters, which are currently being explored in a variety of
applications [111, 112]. A systematic study by Heise and coworkers on the initiating
efficiency of different initiators (1–3 in Fig. 5) in the CALB-catalyzed ROP of CL
showed that three polymeric products were formed: cyclic species, water-initiated
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Fig. 5 Chemical structures
of the initiators 1–3
investigated in the ROP
of CL [113]

pCL chains, and pCL chains with the desired initiator attached [72]. Depending on
the concentration of the monomer and the water activity of the reaction, the rela-
tive amount of the three products varied. The degree of pCL functionalization was
at best 95%. A further reduction of water initiation was not feasible because some
water is required for the activity of the enzyme [114]. A careful evaluation of the
polymerization of CL in the presence of initiators 1–3 by a combination of liquid
chromatography under critical conditions (LCCC), size exclusion chromatography
(SEC) and Maldi-TOF-MS revealed that water, even when stringent drying con-
ditions were applied, dominated the initial initiation process. However, depending
on the exact reaction conditions, the initiator was incorporated into the polymer
structure to a high degree as a result of transacylation reactions [113].

Interestingly, recent work by Hult and coworkers hypothesized a water tunnel in
CALB that provides the active site with substrate water [115]. Any water present
acts as a competing nucleophile when an alcohol is the desired nucleophile, and
affords hydrolysis. To circumvent water as a favored nucleophile, polymerization
reactions are usually performed under dry conditions in organic solvents or directly
in bulk. However, absolutely dry conditions are difficult to maintain, thus it is of
great interest to minimize CALB’s preference for water as a nucleophile. A small,
focused library created in order to prevent water from entering the active site through
the tunnel was screened for increased transacylation over hydrolysis activity. One
mutant, in which the inner part of the tunnel was blocked, catalyzed the transacyla-
tion of vinyl butyrate to butanol 14 times faster than hydrolysis. Such mutants with
a blocked water tunnel could be very valuable in applications in which high molec-
ular weight polyesters are required or excellent control over endgroup functionality
is desired.

Careful selection of the reaction conditions, and working under thermodynamic
control (i.e. perform reactions under equilibrium conditions), allows high end-
group fidelity in a lipase-catalyzed ROP, even in a one-pot procedure [58, 80, 111,
112, 116–118]. Initiation with mercapto-ethanol or 6-mercapto-1-hexanol in lipase-
catalyzed ROP of CL and ω-pentadecanolactone (PDL), respectively, resulted in
high initiator incorporation (95%). It was found that the alcohol acted as the ini-
tiating species, whereas the thiol was unreactive in the initiation step [80]. The
latter is a result of the higher chemoselectivity of lipases for the alcohol group
over the thiol group in the deacylation step. In situ end-capping of the polymers
with thiobutyrolactone or 11-mercaptoundecanoic acid afforded dithiol end-capped
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polyesters in high yields and with a high degree of functionalization [24, 80, 117].
Vinyl(meth)acrylates were also found to be suitable end-cappers during the poly-
merization reactions [70, 119]. In combination with HEMA or HEA as an initiator,
di(meth)acrylate macromonomers are accessible in a one-pot enzymatic procedure
[58, 79, 81]. In addition, in a one-pot approach, glycidol initiation in combination
with a divinyl ester initiator also resulted in epoxide end-capped polyesters that can
be cured into biodegradable coatings [111].

3.1.4 Randomness in Copolymerizations of Lactones
with Lipase-Catalyzed ROP

Because polyester formation during the ROP of cyclic lactones proceeds via a
monomer activation mechanism, polymerizing a mixture of lactones should result
in the formation of random copolyesters. Indeed, as observed by several groups,
copolymerization of CL and PDL [120], CL and VL [121], PDL and 2-oxo-12-
crown-4 (OC) [122, 123], CL and OC [124], PDL and p-dioxanone (DO) [125],
and CL and 1,5-dioxepan-2-one (DXO) [126] afforded random copolymers, as evi-
denced by differential scanning calorimetry, 1H-NMR, 13C-NMR, and solid state
NMR. For example, in the copolymerization of PDL and OC, the rate of PDL
polymerization was five times lower than the rate of OC polymerization [123]. Char-
acterization of the obtained copolymers with 1H-NMR showed a random structure
of the copolymer, as inferred from the theoretical and experimental dyad fractions.
This has enormous potential for application of enzymatically prepared copolymers
since the melting point, crystallinity, polarity, and degradability of the polyesters
can be carefully tuned by simple mixing of two monomers [124, 127]. On the other
hand, when polyesters with a block or gradient copolymer structure are desired,
other (chemical) catalysts are more suitable, or a combination of different polymer-
ization techniques can be considered [10].

3.1.5 Polymerizability of Cyclic Diesters with Lipases

In addition to lactones, lactides and glycolides are highly interesting monomers for
evaluation in lipase-catalyzed ROP. Lactide is the cyclic dimer of lactic acid and
can occur in three stereo-configurations: L-lactide, D–lactide, and D,L- or meso-
lactide (Fig. 6). In analogy, glycolide is the cyclic dimer of glycolic acid but is

Fig. 6 Chemical structure of different lactide stereomers and glycolide
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achiral because it lacks a stereogenic centre (Fig. 6). Both lactide and glycolide
are highly reactive in chemical ROP and afford biocompatible and biodegradable
polymers that are used in a variety of biomedical applications. This makes both
monomers interesting for exploration in lipase-catalyzed ROP, especially when the
lipase is CALB since this has a high polymerization activity. However, there are
two problems that could limit the application of CALB in the ROP of lactides. First,
CALB is known to be a slow catalyst when ester substrates have a substituent at
the α-position (next to the carbonyl) [128] and, secondly, CALB is highly enan-
tioselective for R-secondary alcohols in the deacylation step [27, 129]. This would
imply that polymerizations of L-lactide, which give an S-secondary alcohol after
ring-opening, will be problematic.

The reactivity of lactic acid as an acyl donor and an alcohol nucleophile was
investigated in detail by Adlercreutz and coworkers [130]. The esterification of
lactic acid with a variety of alcohols in hexane was very promising, employing
Novozym 435 as the biocatalyst. Moreover, it was found that in the esterification of
(rac)-lactic acid, both enantiomers showed similar reactivity, indicating that CALB
is not enantioselective in the acylation step when the substituent is placed at the car-
bonyl side. Hence, lactic acid is readily activated by Novozym 435. Interestingly,
no lactic acid oligomers were formed, even when an excess of lactic acid was used,
which suggests that the secondary alcohol is rather unreactive in the deacylation
step. This was corroborated when fatty acids were employed as acyl donor in an
esterification of the alcohol in lactic acid: no ester formation was observed. Ap-
parently, the carbonyl group adds additional sterical hindrance and/or changes the
nucleophilicity of the alcohol, which dramatically decreases the reactivity of the sec-
ondary alcohol in lactic acid. However, on longer time scales, esterification of lactic
acid with caprylic acid in hexane was observed when employing Novozym 435, but
the yields were low and the reaction times long (30% conversion in 4 days) [131].

The lack of reactivity of the alcohol moiety of lactic acid when using
Novozym 435 as catalyst implies that lactide is not a good substrate in enzy-
matic ROP because propagation requires a reactive chain end that deacylates the
enzyme-activated monomer. Indeed, copolymerizations of lactide with CL showed
a dramatic decrease of CL consumption after an initial rapid consumption of lac-
tide, which appeared to be the better substrate. Many weeks were required in order
to observe the formation of random copolymers [132]. In contrast, D-lactide was
polymerized within 2 days using Novozym 435, but a proper selection of reaction
conditions was crucial in order to obtain good molecular weights [133]. A recent
report also claims the successful polymerization of (rac)-lactic acid in a polycon-
densation reaction, although the yields and molecular weights were very low [134].

Use of Pseudomonas cepacia lipase (lipase PS) or Porcine pancreatic lipase
does allow for the enzymatic ROP of lactide. Matsumura and coworkers reported
polymers with extraordinarily high molecular weights (Mw up to 270 kDa) and
very narrow PDI (<1.3) [135–137]. However, high temperatures (130 ◦C) were
needed to achieve good conversions, and polymerizations proceeded only when con-
ducted in bulk. It is conceivable that another non-enzymatic mechanism contributed
in these polymerizations. In fact, Koning and coworkers synthesized copolymers
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of glycolide and lactide using immobilized P. cepacia lipase and pointed out the
possibility of a cationic mechanism being operational during the enzymatic poly-
merization [138].

Despite the fact that glycolic acid has been successfully used as an acyl donor
in esterification reactions with fatty alcohols, there are few reports dealing with
the enzymatic ROP of glycolide [139]. On the other hand, cyclic diesters based on
ethylene glycol have been polymerized successfully by lipase catalysis and afford
AA–BB-type polyesters [140, 141].

3.2 Lipase-Catalyzed Polycondensation Reactions

Polycondensation reactions of AA–BB- and AB-type monomers (Fig. 2) using li-
pases have been described in great detail by a number of groups [32–39, 41, 44, 45,
142–146], and pioneering work by Baxenden Chemicals showed the feasibility of
performing this process on a large scale [142]. Polycondensations are equilibrium
reactions requiring removal of the formed condensation product to shift the equilib-
rium to high conversion. The equilibrium conversion of an ester from an alcohol and
an acid is typically 70%, thus, the formed water needs to be removed effectively to
drive the reaction to completion. Since lipases are catalysts, the position of the equi-
librium is not altered, although it has been observed that the equilibrium conversion
of immobilized preparations can be higher than 70% as a result of the altered water
activity when resins are present [147, 148].

Methods to achieve high conversions in (trans)esterifications involve the use of
activated esters such as vinylesters [46, 49] (the formed vinyl alcohol tautomerises
into an aldehyde or ketone) or the use of vacuum [36, 37] or molsieves [47] to
remove the condensation product and thus shift the equilibrium to high conver-
sion. The most frequently applied lipase in polycondensation reactions is CALB.
CALB is well-known for its deep and narrow active site and high degree of (enan-
tio)selectivity (see [10] for details on the enantioselectivity of CALB) [16, 17].
Although the substrate scope of Novozym 435 is quite broad, phenols [149] or ester
functionalities with a substituent at the α-position [128] are poorly accepted. On
the other hand, benzylic [150] or aliphatic alcohols, aliphatic esters and acids, and
even aromatic esters [48] are excellent substrates that have led to a large variety of
(co)polyesters.

Important advantages of lipases compared to catalysts such as Lewis or Brønsted
acids are the low reaction temperatures, which permit thermally labile monomers to
be applied, and their high regioselectivity, which allows multifunctional monomers
to be directly polymerized in high selectivity and thus avoids the necessity of pro-
tective group chemistry. The use of multifunctional substrates (Fig. 7) in particular
has received a lot of attention because the regioselective nature of lipases allows
the preparation of hydroxy- [40, 50, 51, 143, 145, 151–156] or carboxylic-acid-
functional [146] polyesters that have interesting applications as biomedical and
biodegradable materials [152]. For example, the copolymerization of sorbitol and
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Fig. 7 Different approaches (A-C) to the direct formation of hydroxy- or carboxylic-acid-
functional polyesters using Novozym 435

adipic acid using Novozym 435 in bulk, and using vacuum to remove the formed
water, afforded water-soluble polymers with an Mn of 10.6 kDa and a PDI of 1.6.
The reaction occurred predominantly at the primary alcohol groups, with a regios-
electivity of 85% [40]. Adding 1,8-octanediol as a comonomer increased the Mn

to 34 kDa and the regioselectivity to 95% (reaction A in Fig. 7). Thermal analysis
showed that these copolymers were semicrystalline, low melting, soft materials [40].

Terpolymerizations of bis(hydroxymethyl)butyric acid (BHB), 1,8-octanediol,
and adipic acid in bulk showed that Novozym 435 was strictly selective for es-
terification of BHB hydroxyl groups while leaving the carboxylic acid unchanged
[146]. Copolyesters with 9–45 mol% BHB-adipate units were formed with Mw

values ranging from 21 to 2.3 kDa. This direct polymerization without protection–
deprotection chemistry afforded linear aliphatic copolyesters with pendant free acid
groups (reaction B in Fig. 7). Interestingly, hyperbranched aliphatic copolyesters
were prepared by Frey and coworkers, and copolymerization of BHB and CL
using Novozym 435 in toluene at 85 ◦C showed that the acidic group in BHB
can be reactive under the proper conditions [157]. This combination of ROP and
polycondensation allowed control of the degree of branching between 0 and 0.3,
and polymers were obtained with Mn of 61.5 kDa and PDI of 1.2. The degree of
branching permits the fine-tuning not only of the crystallinity and melting points
but also of rheological properties, which is interesting for future applications.

The polymerization of isopropyl aleuritate with Novozym 435 afforded linear
polymers of good molecular weight (Mn 5.6 kDa, PDI 3.2) [51]. In this case, the
regioselectivity was close to 100%, a result of the sterically hindered secondary
alcohols (reaction C in Fig. 7). The thermal properties of the polymers could be
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tuned by copolymerization with CL and the degree of branching remained close to
zero, showing that these secondary alcohols are unreactive. Subsequent reaction of
the secondary alcohols with hexylisocyanate showed that these polyesters can be
readily post-modified by suitable reagents.

4 Polycarbonates

Cyclic carbonates are an interesting class of monomers because polycarbonates
such as poly(trimethylene carbonate) are often amorphous and show well-defined
degradation properties, making them suitable for a variety of biomedical applica-
tions. ROP of cyclic carbonates is typically conducted with metal-based catalysts
such as Sn(Oct)2 but lipases were also found to be active in the enzymatic ROP
of a variety of substituted and unsubstituted cyclic carbonates (Fig. 7). Trimethy-
lene carbonate (TMC) was the first monomer to be evaluated in enzymatic ROP
[83–85]. Novozym 435 gave a rapid polymerization reaction, and an Mn of 15 kDa
was reached with complete monomer conversion within 120 h at 70 ◦C [85]. Higher
molecular weights have been reached by using lipase PPL [83] (Mn 169 kDa,
PDI 3.5) and PPL immobilized on silica nanoparticles (Mn 48 kDa, PDI 2.0) [86]
although this required a temperature of 100 ◦C. Other cyclic carbonates such as hex-
amethylene carbonate (HMC) [87] or substituted carbonates 1-MeTMC [90] and
2,2-diMeTMC [158] (Fig. 8) have also been successfully polymerized into poly-
mers of good molecular weight. The use of protected functional groups at the TMC
ring, such as the 5-methyl-5-benzyloxycarbonyl-1,3-dioxan-2-one (MBC) [82, 88],
5-benzyloxy-trimethylene carbonate (BTMC) [89], or tartaric-acid-derived cyclic
carbonates (TAC) (Fig. 8), allows for easy access to the hydroxy-functional or
carboxy-functional polycarbonates, which may be used to tune the degradation be-
havior of these polymers.

Lipases not only catalyze ROP but also catalyze transacylation reactions. This
was exploited by preparing random copolymers of TMC with CL or PDL [91, 92,
159]. The PDL–TMC poly(carbonate-esters) show co-crystallization behavior of

Fig. 8 Chemical structures of cyclic carbonates explored in lipase-catalyzed ROP
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their monomers in a unit cell, which facilitates tuning the degradation behavior
without compromising on the thermal and mechanical properties of the copoly-
mers [159].

Cyclic carbonates are not commercially available and have to be synthesized
prior to use. As a result, commercially available carbonates such as diethyl carbon-
ate [55–57] or diphenyl carbonate [93] were evaluated in polycondensation reactions
with diols to prepare polycarbonates since they allow a broader spectrum of poly-
mers to be accessed. Unfortunately, polymerizations employing diethyl carbonate
require the use of an excess diethyl carbonate [55]. Nevertheless, polymers with
molecular weight of 40 kDa were achieved within 16 h. Also, the polymerization
of diphenyl carbonate with butane-1,4-diol or hexane-1,6-diol via the formation
of a cyclic dimer produced polymers with molecular weights ranging from 119 to
339 kDa [93].

5 Polyamides

Polyamides are a very important class of polymers with everyday applications in
textiles, automotive materials, and plastics for electronics. Typically, polyamides
are chemically prepared by ROP of lactams or the polycondensation of diamines
and diacids. Although ester and carbonate bonds are excellent substrates for lipases,
amide bonds are not. The hydrolysis of an amide bond is usually impossible using
lipases because of the higher activation energy required for the formation of the
enzyme-bound tetrahedral transition state of amides in comparison to the more po-
lar ester substrates [160]. This is attributed to the electron delocalization present in
the amide bond, which increases resonance stabilization in the ground state. Nev-
ertheless, structural features that prevent resonance stabilization can activate amide
substrates towards electrophilic attack by water. Thus, strained amides present in
β-lactam (four-membered) rings are readily hydrolyzed using lipases [23, 161, 162].
Alternatively, the reaction of an ester and an amine (a reaction that is exploited
industrially in the kinetic resolution of racemic amines) also gives amide prod-
ucts [163–165]. Interestingly, amines are much poorer nucleophiles than alcohols
in a lipase-catalyzed reaction, which significantly reduces the reaction rate. For ex-
ample, in a kinetic resolution of 1-phenylethanol with methyl butyrate the rate is
approximately 130 times higher than in a kinetic resolution of 1-phenylethanamine
(Table 2). Introduction of an oxygen at the β-position of the ester bond resulted in
a 100-fold rate enhancement for the kinetic resolution of the amine but not for the
alcohol. A structural basis for this effect was recently given by Hult and coworkers
[28]. A molecular modeling study of the transition-state analog for the aminolysis
showed that an interaction between the β-oxygen atom in methoxyacetate and the
amine nitrogen atom could be a key factor in the rate enhancement. This interaction
presumably stabilizes the transition state and increases the reaction rate.

Despite the feasibility of making and breaking amide bonds using lipases in small
molecules, the use of lipases in polyamide synthesis is still very limited. The prime
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Table 2 Initial reaction rates
and normalized reaction rates
(between brackets) of
alcohols and amines using a
normal acyl donor or a
β-oxygen-activated acyl
donor [28]

OH NH2

O

O

Me

O

O

OMe

7.8 (1)

8.1 (1)

0.06 (1)

13 (200)

Substrate

Acyl
Donor

Fig. 9 Polymerization of
β-lactam into poly(β-alanine)
with Novozym 435

reason is presumably the poor solubility of polyamides in the (apolar) solvents
that are typically applied in lipase-catalyzed reactions. Recently, some very ele-
gant approaches have appeared in the literature and show that the preparation of
well-defined polyamides by lipase catalysis is feasible.

The synthesis of poly(β-alanine) from unsubstituted β-lactam was achieved by
Loos and coworkers using Novozym 435 as the catalyst at 90 ◦C in anhydrous
toluene [22]. The polymer formation proceeded by ring opening of the β-lactam,
after which oligomers were built up by reaction of the amine chain end with an ac-
tivated monomer (Fig. 9). A control reaction with deactivated enzyme resulted in
less than 5% product, showing the necessity of the lipase in the monomer activation
step. Maldi-TOF-MS showed a distribution with peaks up to 18 monomeric units,
and both cyclic and linear species were found. From 1H-NMR, an average degree
of polymerization of eight could be derived, which was limited by the solubility of
the formed polymer in the reaction medium.

In order to keep polyamides soluble in relatively apolar solvents, the use of flex-
ible (macro)monomers such as α,ω-(diaminopropyl)polydimethylsiloxane [52] or
oligoethyleneglycol-based diamines [53, 54] has been proven to be a successful
approach (Fig. 10). Polycondensations of dimethyl adipate with a variety of di-
amines were successful in bulk and at moderate temperatures between 60 and 100 ◦C
(reaction A in Fig. 10). The low temperatures (60–100 ◦C) that suffice in these poly-
merizations also allow the use of monomers that are thermally instable, such as
diethyl fumarate [53]. Moreover, multifunctional amines could be regioselectively
polymerized up to molecular weights of 9 kDa, making lipase catalysts a valuable
tool for the preparation of well-defined polyamides that can be further functional-
ized with active groups.

For the silicon-containing polyamides, molecular weights up to 9.4 kDa
were achieved (reaction B in Fig. 10). Copolymerizations of 1,8-octanediol,
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Fig. 10 Formation of polyamides (A) and silicon-containing polyamides (B) using Novozym 435
catalysis

α,ω-(diaminopropyl)polydimethylsiloxane and diethyl adipate using Novozym 435
at 70 ◦C in bulk showed that the formation of amide bonds occurred more rapidly
than the formation of ester bonds [52]. This resulted in copolymers with a tendency
to form a block-like sequence distribution. The relative amount of amide units
compared to ester units in the copolymers has a strong effect on the physical prop-
erties. A high content of ester bonds resulted in hard, solid materials whereas a high
content of amides, and thus silicon, produced sticky materials.

6 Polythioesters

Aliphatic polyesters have received great interest for potential biomedical appli-
cation. Polythioesters (polyesters in which one of the oxygen atoms of the ester
groups has been replaced by a sulfur atom) have received less attention, although
these materials are expected to show interesting material properties such as higher
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melting points and refractive indices than the corresponding polyesters [166, 167].
Moreover, some microorganisms are known to form (co)polymers based on β-
mercapto propionic acid and β-hydroxy propionic acid, which has renewed interest
in this class of polymers [168–171].

Some examples of lipase-catalyzed polythioester synthesis have been mentioned
in the literature, although thioesters and thiol groups generally possess a lower reac-
tivity than the corresponding carboxylic esters and hydroxy nucleophiles in lipase-
catalyzed reactions. The lower reactivity has been demonstrated by the O-selective
acylation of ω-mercapto alkanols [172] and the possibility to selectively end-cap
polymers with thiol groups with a high degree of efficiency, as discussed before
[80]. The lower reactivity of thiol nucleophiles in CALB-catalyzed reactions neces-
sitates the use of relatively large amounts of enzyme, high reaction temperatures,
and long reaction times for the preparation of polythioesters. However, some exam-
ples are known in which lipases showed a high reactivity towards thiol nucleophiles
[31], thioesters [173], and thioacids [174].

CALB-catalyzed copolymerization of CL with 11-mercaptoundecanoic acid
(11MU) leads to the formation of poly(ester-co-thioester)s having a Mn of 13.7 kDa
(PDI 1.6) after precipitation [30] (Fig. 11). The amount of incorporated 11MU
(8.7 mol%) was slightly less than the feed ratio (10 mol%). Similar results were ob-
tained when using 3-mercaptopropionic acid (3MP) as a comonomer (Mn 14.3 kDa,
PDI 1.4). CALB-catalyzed transesterification of pCL with either 11MU or 3MP re-
sulted in similar 1H-NMR and 13C-NMR spectra as the direct copolymerization of
the two monomers, showing that continuous transesterification plays an important
role in the microstructure of the polymer [30].

Later, polythioesters were prepared by the polycondensation of dicarboxylic acid
diesters with a dithiol [43] (Fig. 12). Initially, various lipases were screened in
the polycondensation between diethyl adipate and hexane-1,6-dithiol at 120 ◦C in
the presence of molecular sieves. The use of 70 wt% immobilized CALB as cata-
lyst proved to be efficient in these polycondensation reactions with dicarboxylic acid

Fig. 11 Copolymerization of CL with aliphatic ω-mercapto carboxylic acids (top) and transester-
ification of pCL with aliphatic ω-mercapto carboxylic acids (bottom) to give random copolymers
with thioester linkages [30]
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Fig. 12 Lipase-catalyzed polycondensation of 1,6-hexanedithiol with dicarboxylic acid diesters
to give polythioesters [43]

diesters of varying spacer length with hexane-1,6-dithiol. Low molecular weight
polythioesters were obtained in 75–90% yield (Mn 3.7–6.0 kDa, PDI 1.7–2.0).
A higher molecular weight polythioester (Mn 50 kDa, PDI 2.3) was obtained by
preparation of cylic, oligomeric polythioesters under dilute conditions, followed by
CALB-catalyzed ROP in bulk at 120 ◦C for 2 days [25, 43].

Imbalance in the stoichiometry of polycondensation reactions of AA–BB-type
monomers can be overcome by changing to heterofunctional AB-type monomers.
Indeed, 11MU has been subjected to bulk polycondensation using lipases as cata-
lyst in the presence of 4 Å molecular sieves. At 70 ◦C, CALB showed 84% monomer
conversion and a low molecular weight polymer (Mn 1.1 kDa, PDI 1.9). No signifi-
cant polymerization was observed with other lipases (except P. cepacia lipase, 47%
conversion, oligomers only) and in reference reactions with thermally deactivated
CALB or in the absence of enzyme. Further optimization of the reaction conditions
(60 wt% CALB, 110 ◦C, 3 days, 4 Å molecular sieves) gave a polymer with Mn of
14.8 kDa (PDI 2.3) in 86% yield after precipitation [42].

7 Conclusions

Lipase-catalyzed polymerizations have found a place in the field of synthetic poly-
mer chemistry. Detailed research conducted in the past decade has brought the
understanding of this novel technology to a level that is known in traditional poly-
merization techniques. This led to a situation where lipase-catalyzed ROP and
polycondensation can be compared directly to its chemical counterpart, and its spe-
cific advantages identified. The recent breakthroughs in enzymatic ROP are to a
large extent due to Novozym 435. The commercial availability of this stable, robust
immobilized lipase formulation has been very important in bridging the worlds of
biocatalysis and polymer chemistry. It has also allowed polymer chemists to rou-
tinely apply biocatalysis without the necessity of a deep knowledge of enzymology
or biotechnology.

Nevertheless, the limitations of Novozym 435 have also been clearly identified.
Water is the preferred nucleophile, making 100% end-functionalization very chal-
lenging, while the preference of CALB for transoid ester bonds limits the potential
to reach low polydispersities in a ROP. Multidisciplinary projects focusing both on
the enzymology side of the biocatalyst (e.g., by improving the lipase by mutations)
and on the polymers required for specific applications can in the near future lead
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to a paradigm shift in the field of enzymatic polymerizations. Similar to the great
advances made in bioorganic chemistry (in which biocatalytic routes are now rou-
tinely applied in chemical conversions to prepare optically active intermediates at
lower cost and with less waste and less energy), a close collaboration between the
biological and the materials world will allow the efficient development of smart
materials and polymer architectures with a high level of structural complexity and
functions.
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Chemoenzymatic Approaches
to Polymeric Materials
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Abstract Lipases show high activity in the polymerization of a range of monomers
using ring-opening polymerization and polycondensation. The range of polymer
structures from this enzymatic polymerization can be further increased by combi-
nation with chemical methods. This paper reviews the developments of the last 5–8
years in chemoenzymatic strategies towards polymeric materials. Special emphasis
is on the synthesis of polymer architectures like block and graft copolymers and
polymer networks. Moreover, the combination of chemical and enzymatic catalysis
for the synthesis of unique chiral polymers is highlighted.

Keywords Block copolymers · Chirality · Dynamic kinetic resolution · Graft
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1 Introduction

Chemists have developed numerous synthetic procedures to supply an ever-
increasing number of structurally and functionally diverse materials for advanced
application. Almost all of these procedures rely on efficient catalytic systems, which
allow the synthesis to be carried out at an economical time-scale. Most catalysts are
highly specific in terms of the chemical conversion they catalyze. Although this is
an advantage for the catalytic selectivity, it limits the general applicability of a cat-
alyst in multistep conversions. This can be overcome by the combination of several
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catalysts or methodologies, each specific for one conversion step. Depending on the
compatibility of the individual reaction steps, this can either be done with or without
isolation of the reaction intermediates (cascade reaction). This is not different for
biocatalysts such as enzymes, which are tailored to very high substrate specificity
in the natural environment. In many cases, the specificity of enzymes is retained in
vitro and has led to improved (i.e., more efficient in terms of energy and raw mate-
rials) synthetic procedures (e.g., for pharmaceutical intermediates) in both stepwise
and multienzyme cascade approaches [1]. However, not all chemical conversions
can be achieved enzymatically, hence the full exploitation of multistep synthetic
strategies will require the development of novel organic and biosynthetic methods,
so-called chemoenzymatic procedures. Although a large number of chemoenzy-
matic procedures already exist in organic synthesis (both stepwise and cascade),
this is a relatively new concept in polymer chemistry. Obviously, one reason is
that enzymatic polymerization as such is a relatively new field and a basic under-
standing of its scope and limitations had to be developed first [2, 3]. On the other
hand, polymer chemistry knows many examples in which two or more catalytic
systems are combined to realize structures and materials not available from one
technique alone [4]. Although enzymatic polymerizations, in particular those using
hydrolases (lipases), are very successful for making a large variety of polymers by
ring-opening polymerization (ROP) and polycondensation, a general shortcoming
of lipase-catalyzed polymerizations is the lack of control over the molecular struc-
ture. This prohibits the synthesis of complex molecular architectures like block and
graft copolymers, which are possible with controlled polymerization techniques.

Chemoenzymatic polymerizations have the potential to further increase macro-
molecular complexity by overcoming these limitations. Their combination with
other polymerization techniques can give access to such structures. Depending on
the mutual compatibility, multistep reactions as well as cascade reactions have been
reported for the synthesis of polymer architectures and will be reviewed in the first
part of this article. A unique feature of enzymes is their selectivity, such as regio-,
chemo-, and in particular enantioselectivity. This offers opportunities to synthesize
novel chiral polymers and polymer architectures when combined with chemical
catalysis. This will be discussed in the second part of this article. Generally, we
will focus on the developments of the last 5–8 years. Unless otherwise noted, the
term enzyme or lipase in this chapter refers to Candida antarctica Lipase B (CALB)
or Novozym 435 (CALB immobilized on macroporous resin).

2 Chemoenzymatic Synthesis of Polymer Architectures

2.1 Crosslinked Structures

Crosslinking of polymers is usually applied to stabilize the macroscopic mor-
phology or shape of a material. In most cases, it results in insoluble polymeric
materials, e.g., for polymeric coatings. In the chemoenzymatic strategies towards
polymer networks, the enzymatic step is exclusively applied to synthesize the
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Fig. 1 Enzymatic routes (a–c) of telechelic diacrylates by enzymatic ROP for subsequent
crosslinking. X denotes the polymerizable (meth)acrylate group

reactive polymer precursor, whereas the crosslinking step is achieved chemically.
The reactive polymer precursors must have at least one or preferably two or more
reactive groups capable of participation in a network-forming chemical reaction.
The most common structures are polymers with acrylate endgroups obtained by the
routes depicted in Fig. 1.

Following route A (Fig. 1), Yan Xiao et al. reported the chemoenzymatic syn-
thesis of poly(ε-caprolactone) (PCL) and chiral poly(4-methyl-ε-caprolactone)
(PMCL) microparticles [5]. The telechelic polymer diol precursors were obtained
by enzymatic polymerization of the corresponding monomers in the presence of
hexanediol. Enzymatic kinetic resolution polymerization directly yielded the (R)-
and (S)-enriched chiral polymers. After acrylation using acryloylchloride, the chiral
and nonchiral particles were obtained by crosslinking in an oil-in-water emulsion
photopolymerization. Preliminary degradation experiments showed that the stere-
oselectivity of CALB is retained in the degradation of the chiral microparticles
(Fig. 2).

A second route (route B in Fig. 1) relies on an initiation process with an
(meth)acryl hydroxyl compound and is adopted from the chemical ROP of lactones.
The controlled character of these polymerizations ensures a virtually quantitative
initiation and thus incorporation of hydroxy-functional initiator (e.g., acrylate) into
the polymer chain. However, this is not automatically the case for lipase-catalyzed
ROP due to the different mechanism. The latter follows an activated monomer
mechanism in which the lipase activates any carbonyl group of a carboxylic acid
derivative present in the system. It has recently been shown that acrylation using
hydroxy-functional acrylate initiators like hydroxy ethyl(meth)acrylate (HEMA or
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Fig. 2 Synthesis of acrylated chiral PMCL (left) and microparticles (right) obtained from acry-
lated polymers by oil-in-water emulsion photopolymerization [5]

HEA) according to route B is not straightforward. The lipase does not distinguish
between the ester group of a monomer, a polyester chain, and the ester group
present in HEA or HEMA. Consequently, the esters groups in HEA and HEMA
will be activated as well and take part in transesterification processes, which results
in a complex mixture of polymer endgroups when monomers like ε-caprolactone
(CL) and ω-pentadecalactone (PDL) are used [6, 7]. The transesterification pro-
cess occurs at moderate frequency at low monomer conversion but it becomes
dominant at longer reaction times. Although this presents a restriction for the enzy-
matic synthesis of strictly mono-acrylated polymers from HEA and HEMA, fully
dimethacrylated PCL and PPDL were obtained by combination with end-capping
with vinyl methacrylate [6]. Taking advantage of the inevitable transesterification
reactions, Takwa et al. reported an elegant single-step solvent-free enzymatic route
to telechelic PPDL by conducting the enzymatic ROP in the presence of ethylene
glycol di(meth)acrylate (route C in Fig. 1). Polymers with >96% diacrylate and
dimethacrylate endgroups were obtained (Scheme 1) [8]. In the same paper, the
authors introduced a synthetic route to telechelic dithioPPDL and thiol-acrylate
functional PPDL. The thiol functional macromonomers were used together with
other ene-monomers to give crosslinked PPDL thin films using a UV-induced pho-
topolymerization [9]. In this first example of chemoenzymatic synthesis of coatings,
semicrystalline networks were obtained owing to the high crystallinity of PPDL.

Various α-methylenemacrolides were enzymatically polymerized to polyesters
having polymerizable methacrylic methylene groups in the main chain (Fig. 3, left).
The free-radical polymerization of these materials produced crosslinked polymer
gels [10, 12]. A different chemoenzymatic approach to crosslinked polymers was
recently introduced by van der Meulen et al. for novel biomedical materials [11].
Unsaturated macrolactones like globalide and ambrettolide were polymerized by en-
zymatic ROP. The clear advantage of the enzymatic process is that polymerizations
of macrolactones occur very fast as compared to the chemically catalyzed reactions
[13]. Thermal crosslinking of the unsaturated polymers in the melt yielded insoluble
and fully amorphous materials (Fig. 3, right).
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Scheme 1 Synthesis of diacrylated poly(pentadecalactone) [8]

Fig. 3 Chemoenzymatic routes to crosslinked macrolactones. Left: enzymatic polymerization of
α-methylenemacrolides and subsequent vinyl polymerization [10]. Right: Enzymatically synthe-
sized highly crystalline poly(ambrettolide) before and after thermal crosslinking [11]

2.2 Copolymers

The synthesis of acrylates from sugars and other substrates has been applied in the
early phases of enzymatic reactions and has already been reviewed [2, 14]. The
method is attractive because the enzyme allows for mild and, in some examples,
stereoselective acrylation. A recent example was published by Popescu et al. who
took advantage of the frequent transesterification reactions and reported a route
to highly functional linear copoly(meth)acrylates [15]. Methyl (meth)acrylate was
mixed with various functional alcohols in the presence of Novozym 435. In situ
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transesterification leads to a mixture of functional (meth)acrylate monomers, which
can be polymerized by free-radical polymerization without further workup to yield
multifunctional poly(meth)acrylates.

2.3 Block Copolymers

Enzymatic polymerization has been combined with various chemical polymeriza-
tions for the synthesis of block copolymers. The choice of chemical polymerization
generally depends on the applied strategy for the block copolymer synthesis. These
can be divided into three main approaches, as shown in Fig. 4 for the example of en-
zymatic ROP. It has to be noted that some of these strategies have also been applied
for enzymatic polycondensations.

Initial reports on chemoenzymatic block copolymer synthesis focus on the enzy-
matic macroinitiation from chemically obtained hydroxy-functionalpolymers (route
A in Fig. 4). The first report on enzymatic macroinitiation was published by Kumar
et al., who used anionically synthesized hydroxy-functional polybutadiene of vari-
ous molecular weights ranging from 2600 to 19,000 Da (Fig. 5) [16]. In a systematic
study, the authors investigated the efficiency of the macroinitiation of CL and PDL
by Novozym 435 as a function of the polybutadiene macroinitiator. The reaction
profile showed that polybutadiene consumption steadily increased with the reaction
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Fig. 5 Synthesis of poly(butadiene-b-caprolactone) from hydroxy-functional polybutadiene [16]

time, according to incorporation by initiation and transesterification. The latter is
due to the fact that the enzyme activates both the carbonyl bond of the monomer
(CL) and the PCL esters. Consequently, the nucleophile (initiator) will be incorpo-
rated by both mechanisms, i.e., initiation and transesterification. It was found that all
polybutadiene macroinitiators formed block copolymers irrespective of the molec-
ular weight. Initiation efficiency was >80%, and the presence of water-initiated
chains was less than 30%.

Several authors reported the use of hydroxy-functional poly(ethylene glycol)
(PEG) as macroinitiator for enzymatic ROP. Panova and Kaplan conducted a de-
tailed mechanistic and kinetic study of the interplay between monomer conversion,
chain initiation, and chain propagation of the enzymatic ROP of CL in the pres-
ence of monohydroxy-functional methoxy-PEG [17]. The results confirmed the
dynamic character of the reaction and the presence of a product mixture containing
unreacted macroinitiator, water-initiated PCL, cyclic PCL, and the corresponding
block copolymer. At otherwise identical reaction conditions, the amount of reacted
monohydroxy-functional methoxy-PEG was concentration-dependent, being 35%
at higher concentrations and up to 84% at lower concentrations for identical reac-
tion times. Moreover, block copolymers from mono- and difunctionalized PEG were
obtained by Feng He et al. by the enzymatic ROP of CL [18], and by Srivastava and
Albertsson with CL and 1,5-dioxepane-2-one (DXO) [19]. Kaihara et al. reported
the enzymatic ROP of trimethylene carbonate from a copolymer of PEG and a cyclic
acetale with two terminal hydroxyl groups [20]. The resulting amphiphilic triblock
copolymer was used to form micellar structures, and pH-dependent drug release was
successfully shown.

While all previous examples employ enzymatic ROP, there are two reports
on block copolymer synthesis employing enzymatic polycondensation. The first
one was published by Sharma et al. and describes the synthesis and solid-state
properties of polyesteramides with poly(dimethylsiloxane) (PDMS) blocks [21].
The polycondensation was carried out with various ratios of dimethyl adipate,
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octanediol, and diamine-functionalized PDMS (Mw = 875). Depending on the com-
position of the polymer, the physical properties varied from hard solid to sticky
materials. The second report, by Niu et al., describes the synthesis of multiblock
copolymers of poly(tetrahydrofurane) (PTHF) and PEG [22]. In a two-step proce-
dure, first the hydroxyl groups of PTHF diol (Mn = 1000 Da) were enzymatically
reacted with diethyl malonate. In the second step, an enzymatic polycondensation
with PEG diols of various molecular weights was carried out to give copolymers
with molecular weights of 13,000–18,000Da.

In the majority of reports on the chemoenzymatic synthesis of block copoly-
mers, the enzymatic polymerization is conducted first (routes B and C in Fig. 4).
Mostly, controlled polymerization techniques like atom transfer radical polymer-
ization (ATRP), nitroxide-mediated polymerization (NMP), or reversible addition–
fragmentation chain transfer (RAFT), but also free-radical and controlled ROP, are
applied as the nonenzymatic polymerization techniques. The controlled polymeriza-
tion techniques offer the advantage of high initiation efficiency and control over the
molecular weight, which generally results in well-defined block copolymers. This
method requires the end-functionalization of the enzymatic block with an initiator
moiety capable of selectively initiating the subsequent polymerization technique. A
very elegant way to achieve that is by using a dual or bifunctional initiator (route
C in Fig. 4). These initiators have a functional group capable of initiating the en-
zymatic polymerization (hydroxyl) and a group for the second polymerization. This
approach has the advantage that any polymer analogous endgroup modification is
avoided. On the other hand, for a high block copolymer yield it is important to en-
sure a high degree of incorporation of the dual initiator into the enzymatic block.
Considering that nucleophiles such as the applied dual initiators are incorporated by
initiation and transesterification in a similar way to the HEA and HEMA initiators,
controlling the endgroup fidelity in this process becomes crucial. In the following
paragraphs, the chemoenzymatic synthesis of block copolymer according to routes
B and C is reviewed according to the applied chemical method.

ATRP is the method most widely applied in this synthetic strategy. The initial
contribution was been made by Meyer et al., who reported the combination of enzy-
matic ROP and ATRP using the dual initiator ATRP-1 (Fig. 4) [23]. Macroinitiation
of styrene from the ATRP-initiator-functionalized PCL yielded the block copoly-
mer. In a follow-up paper, the same authors further investigated the influence of the
reaction conditions and the initiator structure on the chemoenzymatic synthesis of
block copolymer by this combination of polymerization techniques [24]. Special at-
tention was given to the efficiency of the dual initiator in the enzymatic ROP of CL
by comparison of the initiators ATRP-1, ATRP-2, and ATRP-3. It was found that the
latter two are incorporated relatively fast (>90% at 15 min reaction time), whereas
ATRP-1 was incorporated at a very slow rate (40% at 60 min reaction time). Liquid
chromatography under critical conditions (LCCC) further confirmed that ATRP-1
is a poor initiator and is predominantly incorporated by transesterification [25].
Moreover, de Geus et al. investigated the possibility of conducting both polymer-
izations in the presence of the dual initiator, ATRP catalyst, CL, and methacrylates
as a one-pot cascade reaction (Fig. 6) [26]. The study revealed that ATRP catalysts
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Fig. 6 Left: Strategy for consecutive chemoenzymatic and simultaneous one-pot block copolymer
synthesis combining enzymatic ROP and ATRP. Right: Influence of ATRP–catalyst system on the
conversion of CL in the enzymatic ROP of MMA at 60◦C using ATRP-3 as initiator: filled squares
reaction in absence of ATRP-catalyst; open circles CuBr/PMDETA (1:1:1 ratio with respect to
initiator); filled triangles CuBr/dNbpy (1:2.1:1 ratio with respect to initiator); open inverted trian-
gles CuBr (1:1 ratio with respect to initiator); filled diamonds CuBr2 (1:1 ratio to initiator). CL
conversion was determined with 1H-NMR [26]

like nickel have a strong inhibiting effect on the enzyme, whereas typical ATRP
copper catalysts were tolerated by the enzyme (Fig. 6). The chemoenzymatic cas-
cade reaction was most successful when the ATRP components were added after
the enzymatic process. High block copolymer yields were obtained in that approach,
whereas homopolymer impurities were observed when all components were present
from the beginning.

By taking advantage of the simultaneous enzyme inhibition by nickel, the nickel-
catalyzed ATRP, and the stereoselectivity of the enzyme, Peters et al. obtained chiral
block copolymers by this method from 4-methyl-ε-caprolactone (4-MeCL) by [27].
The polymerization of racemic 4-MeCL showed good enantioselectivity and pro-
duced a chiral macroinitiator with ATRP endgroup by selectively polymerizing only
the (S)-4-MeCL. Macroinitiation was then started by adding the nickel catalyst and
methyl methacrylate (MMA) to the reaction mixture, which simultaneously inhib-
ited the enzyme and activated the ATRP process. Chiral poly[MMA-b-(S)-4-MeCL]
was successfully obtained in this synthesis.

Howdle and coworkers reported that a one-pot, simultaneous synthesis of block
copolymers by enzymatic ROP and ATRP employing initiator ATRP-3, CL, and
MMA is possible in supercritical CO2 (scCO2) [28]. The authors could show that
the CL acts as a scCO2 cosolvent and was crucial for the radical polymerization
to remain homogeneous and controlled. The unique ability of scCO2 to solubilize
highly fluorinated species was utilized by extending this methodology to the synthe-
sis of novel copolymers consisting of a semifluorinated block of poly(1H, 1H, 2H,
2H-perfluorooctyl methacrylate) (PFOMA) and PCL [29]. Block copolymers were
successfully synthesized by a two-step process based on the sequential monomer
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Scheme 2 Chemoenzymatic synthesis of block copolymers consisting of a semifluorinated block
of poly(1H, 1H, 2H, 2H-perfluorooctyl metharylate) and PCL [29]

addition (Scheme 2). Parallel experiments in conventional solvents did not yield
any block copolymers due to the limited solubility of FOMA in these solvents.
These and other enzymatic polymerization procedures in scCO2 have recently been
reviewed [30].

Sha et al. applied the commercially available dual initiator ATRP-4 for the
chemoenzymatic synthesis of block copolymers. In a first series of publications,
the group reported the successful synthesis of a block copolymer comprising PCL
and polystyrene (PS) blocks [31, 32]. This concept was then further applied for the
chemoenzymatic synthesis of amphiphilic block copolymers by macroinitiation of
glycidyl methacrylate (GMA) from the ATRP functional PCL [33]. This procedure
yielded well-defined block copolymers, which formed micelles in aqueous solution.
Sha et al. were also the first to apply the dual enzyme/ATRP initiator concept to
an enzymatic polycondensation of 10-hydroxydecanoic acid [34]. This concept was
then extended to the ATRP of GMA and the formation of vesicles from the corre-
sponding block copolymer [35].

The second strategy for the chemoenzymatic synthesis of block copolymers from
enzymatic macroinitiators employs an individual modification step of the enzymatic
block with an initiator for the chemical polymerization (route B in Fig. 4). This
strategy has the advantage that it does not depend on a high incorporation rate of the
dual initiator. On the other hand, quantitative end-functionalization becomes more
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Fig. 7 Chemoenzymatic
synthesis of the pentablock
copolymer PS-b-PCL-b-PEG-
b-PCL-b-PS [39]

difficult with increasing molecular weight of the polymer. Initial work following
this approach was carried out by Sha et al., who reported the quantitative function-
alization of enzymatically obtained PCL with α-bromopropionyl bromide (ATRP-5)
[36]. The subsequent ATRP of styrene yielded the block copolymer. Based on this
successful strategy, GMA was also polymerized from the PCL macroinitiator to
yield amphiphilic bock copolymers, which assemble into nanoscale micelles [37].
The same author also extended this concept to the synthesis of hydroxy-functional
polymer macroinitiators by enzymatic polycondensation of 10-decanoic acid [38].
Pentablock copolymers were also obtained by combining this approach with the en-
zymatic macroinitiation of CL from PEG diol (Fig. 7) [39]. The obtained PCL diol
was modified with α-bromopropionyl to yield a telechelic ATRP macroinitiator. Af-
ter ATRP of styrene, the obtained material, namely PS-b-PCL-b-PEG-b-PCL-b-PS,
revealed interesting self-assembly behavior in water, forming spherical micelles,
rod-like micelles, vesicles, lamellae, and large compound micelles depending on
the block copolymer composition and concentration.

A series of interesting block copolymer architectures has also been prepared
by Zhang et al. In a first paper, the synthesis of H-shaped triblock copolymers
was demonstrated from enzymatically obtained PCL diol after end-functionalization
with a difunctional ATRP initiator [40]. This allowed the growth of two PS chains
from each end of the telechelic PCL. When methanol instead of glycol was used as
the initiator in the initial enzymatic CL polymerization, a PCL with one hydroxyl
endgroup was obtained. Functionalization of this endgroup with the difunctional
ATRP initiator and subsequent ATRP of styrene or GMA resulted in Y-shaped poly-
mers (Scheme 3) [41, 42].
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Apart from ATRP, the concept of dual initiation was also applied to other
(controlled) polymerization techniques. Nitroxide-mediated living free radical poly-
merization (LFRP) is one example reported by van As et al. and has the advantage
that no further metal catalyst is required [43]. Employing initiator NMP-1, a PCL
macroinitiator was obtained and subsequent polymerization of styrene produced a
block copolymer (Scheme 4). With this system, it was for the first time possible
to successfully conduct a one-pot chemoenzymatic cascade polymerization from a
mixture containing NMP-1, CL, and styrene. Since the activation temperature of
NMP is around 100 ◦C, no radical polymerization will occur at the reaction temper-
ature of the enzymatic ROP. The two reactions could thus be thermally separated by
first carrying out the enzymatic polymerization at low temperature and then raising
the temperature to around 100 ◦C to initiate the NMP. Moreover, it was shown that
this approach is compatible with the stereoselective polymerization of 4-MeCL for
the synthesis of chiral block copolymers.

Similarly successful was the combination of enzymatic ROP with RAFT in
scCO2, as reported by Howdle [44]. Employing the initiator RAFT-1, a block
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copolymer comprising PCL and PS was obtained and the block structure confirmed
by GPEC. Like NMP, RAFT has the advantage that it does not require a metal cata-
lyst and, when coupled with the green solvent CO2, this process is environmentally
desirable.

Also, Kerep and Ritter reported a radical chain transfer agent as a dual initia-
tor, FRP-1 [45]. The first step builds on the fact that hydroxyl groups are much
better nucleophiles in enzymatic ROP than thiols. Due to the chemoselectivity of
the enzyme, PCLs with predominantly thiol endgroups were obtained, which were
subsequently used as macroinitiator for styrene. The authors report that the reaction
yield can be further increased by microwave irradiation. Although thiols provide less
control over the radical polymerization than RAFT agents, the subsequent radical
polymerization successfully leads to the synthesis of PCL-b-PS.

Block copolymers were also obtained by combining enzymatic with chemically
catalyzed ROP. An approach for the synthesis of multiarm heteroblock copolymers
comprising PCL and PLA was reported by Gross et al. [46]. Multifunctional 1-ethyl
glucopyranoside was first used as an initiator for the enzymatic ROP of CL. Due to
the selectivity of the enzyme from Pseudomonas cepacia, only the one primary
hydroxyl group initiated the polymerization, while the three secondary alcohols
remained unfunctionalized. By subsequent tin-catalyzed ROP of lactide, the sec-
ondary alcohols were activated and three PLA arms were grown from the PCL
macroinitiator. Very recently, Yan Xiao et al. reported the first example of the com-
bination of enzymatic and chemical carbene-catalyzed ROP for the formation of
block copolymers (Scheme 5) [47]. In their approach, the authors took advantage
of the fact that CALB has a high catalytic activity for lactones but not for lactides
(LLA), whereas it is vice versa for carbenes. In the synthetic strategy, the enzymatic
polymerization of CL was conducted first. Addition of LLA and carbene to the reac-
tion mixture led to the macroinitiation directly from the hydroxyl endgroup of PCL,
allowing the synthesis of PCL-b-PLLA block copolymers.

A synthetic approach to poly(ester-urethanes) was recently published by Xue
et al. [48]. Glycerol was employed as a trifunctional initiator in the enzymatic ROP
of CL. The three-arm PCL triol was then reacted with methylene-diphenyl diiso-
cyanate (MDI) and hexanediol to yield a three-arm PCL-based poly(ester-urethane)
with shape-memory properties.

Scheme 5 Combination of enzymatic and chemical carbene-catalyzed ROP for the metal-free
formation of block copolymers [47]
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2.4 Graft Copolymers

Graft copolymers were prepared by both classical strategies, i.e., from enzymatically
obtained macromonomers using subsequent chemical polymerization and by enzy-
matic grafting from hydroxy-functional polymers.

Kalra et al. studied the synthesis of PPDL graft copolymers following route A
as shown in Scheme 6. The macromonomers were obtained by the enzymatic ROP
of PDL from HEMA and PEGMA [49]. In a comparative study, Novozym 435 was
found to be the most active biocatalyst for this reaction step. Subsequently, graft
copolymers were obtained by free-radical polymerization of the macromonomers.
A similar approach was published by Srivastava for the HEMA-initiated enzymatic
ROP of CL and subsequent free-radical polymerization [50].

A significant contribution to the enzymatic grafting from multifunctional
macroinitiators was made by Keul et al. using well-defined polyglycidols as promis-
ing biomedical materials (Scheme 6, route B) [51]. In an initial paper, the authors
compared the chemical and enzymatic ROP of CL from linear and star-shaped
polyglycidol obtained from anionic ROP [52]. It was found that the zinc-catalyzed
ROP of CL from the multifunctional polyglycidol resulted in a quantitative ini-
tiation efficiency, whereas enzymatic ROP PCL was only grafted to 15–20% of
the hydroxyl groups. This leads to different polymer architectures, i.e., the fully
grafted polymer resembles a core–shell structure with hydrophilic polyether core
and hydrophobic PCL shell. The enzymatically obtained partly grafted polymer,
on the other hand, has a hydrophilic polyether head with a hydrophobic PCL tail.
The difference in the initiation efficiency is due to the different polymerization
mechanisms. Whereas the chemical ROP is endgroup-activated and controlled, the
enzymatic ROP is monomer-activated. In the latter case, the steric constraints in
the nucleophilic attack of the hydroxyl groups on the enzyme-activated monomer
prevents the reactions of all hydroxyl groups. This was also confirmed by a study
of Duxbury et al. of the enzymatic ROP from PS containing 10% of 4-vinylbenzyl
alcohol [53]. Although quantitative enzymatic modification of the hydroxyl groups
with the small vinyl acetate was observed, the grafting of PCL produced only a
50–60% grafting efficiency. Moreover, the results suggested that the grafting action
is a combination of grafting from and grafting onto by transesterification of PCL.

Scheme 6 Enzymatic routes (a and b) towards graft copolymers
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The incomplete enzymatic grafting from polyalcohols opens opportunities for the
synthesis of unique structures, as shown in several examples by Hans and coworkers.
For example, heterografted molecular bottle brushes were synthesized starting from
PCL-grafted polyglicydol [54]. The grafting yield in this step was about 50%.
Selective acetylation of the hydroxyl groups at the PCL graft ends was achieved
via enzymatic reaction with vinyl acetate without acetylation of the remaining hy-
droxyl groups at the polyglycidol backbone. The latter were quantitatively converted
to ATRP initiator groups, and initiation of MMA n-butyl acrylate yielded well-
defined heterografted polymers. Alternatively, the remaining hydroxyl groups on
the polyglycidol backbone were used to initiate chemically catalyzed ROP of lac-
tide to produce a heterografted polymer comprising PCL and PLA grafts [55]. When
the endgroups of the PCL were capped with acrylates, the resulting materials could
be formulated into UV-crosslinked microspheres (Fig. 8).

The first synthesis of graft copolymers in scCO2 was reported by Villarroya et al.
from a polyHEMA–PMMA random copolymer by the combination of ATRP and
enzymatic ROP of CL [56]. The authors first synthesized the random copolymer
containing 13 and 30% HEMA by ATRP in scCO2. Although PCL grafting was con-
firmed, not all hydroxyl groups participated in the grafting reaction (33%). Similar
to the situation in conventional solvents, steric effects were thought to reduce the
grafting efficiency. The results were similar when both the ATRP reaction and en-
zymatic grafting were carried out simultaneously in one-pot, i.e., all components
for the radical and the enzymatic reaction were present at the same time. This ap-
proach resulted in about 40% functionalization of the hydroxyl groups. In another
study, the authors confirmed that the limitation in grafting efficiency was due to
two reasons: (1) the poly(MMA-co-HEMA) probably has a blocky structure due to

Fig. 8 Chemoenzymatic synthesis of heterografted polymers comprising PCL and PLA grafts
on a polyglycidol backbone. After acrylation, these polymers can be formulated into crosslinked
microspheres [55]
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the different reactivity ratios of the monomers in the radical polymerization; and
(2) the hydroxyl groups are too close to the polymer backbone. Consequently, the
grafting efficiency was significantly improved when highly randomized poly(MMA-
co-HEMA) from starved-feed polymerization was used (80%), and when a PEG
spacer was introduced between the polymer backbone and the hydroxyl group
(100%) [57].

2.5 Branched Structures

The only report on chemoenzymatic synthesis of branched polymers is from Peeters
et al. [58]. Heterotelechelic PCL macroinimer was synthesized in a one-pot en-
zymatic procedure by using 2-hydroxyethyl α-bromoisobutyrate as a bifunctional
initiator. A polymerizable endgroup was introduced by subsequent in situ enzymatic
acrylation with vinyl acrylate. Synthesis of branched polymers by self-condensing
ATRP of the macroinimers was successfully conducted with and without the addi-
tion of MMA as a comonomer.

3 Chemoenzymatic Approaches to Chiral (Co)polymers

3.1 Enantioselectivity Issues in Enzyme-Catalyzed Reactions

Introducing chirality into polymers has distinctive advantages over the use of
nonchiral or atactic polymers because it adds a higher level of complexity, allowing
for the formation of hierarchically organized materials. This may have benefits in
high-end applications such as nanostructured materials, biomaterials, and electronic
materials. Synthetically, chiral polymers are typically accessed by two methods.
Firstly, optically active monomers – often obtained from natural sources – are poly-
merized to afford chiral polymers. Secondly, chiral catalysts are applied that induce
a preferred helicity or tacticity into the polymer backbone or activate preferably one
of the enantiomers [59–64].

Polymers derived from natural sources such as proteins, DNA, and polyhy-
droxyalkanoates are optically pure, making the biocatalysts responsible for their
synthesis highly appealing for the preparation of chiral synthetic polymers. In recent
years, enzymes have been explored successfully as catalysts for the preparation of
polymers from natural or synthetic monomers. Moreover, the extraordinary enan-
tioselectivity of lipases is exploited on an industrial scale for kinetic resolutions
of secondary alcohols and amines, affording chiral intermediates for the pharma-
ceutical and agrochemical industry. It is therefore not surprising that more recent
research has focused on the use of lipases for synthesis of chiral polymers from
racemic monomers.
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With the increased use of enzymes in polymer chemistry, the enzymology
terminology to describe the reaction kinetics and the enantioselectivity of a reac-
tion has become more and more common in polymer literature. The parameter of
choice to describe the enantioselectivity of an enzyme-catalyzed kinetic resolution
is the enantiomeric ratio E . The enantiomeric ratio is defined as the ratio of the
specificity constants for the two enantiomers, (R) and (S) (1):

E = (kcat/KM)R/(kcat/KM)S (1)

where kcat is the rate constant, KM the Michaelis–Menten constant, and kcat/KM the
specificity constant. Sih et al. developed (1) in terms of the enantiomeric excess of
product or substrate and the conversion, both for reversible and irreversible reactions
[65]. For an irreversible reaction, which is preferably the case in a polymerization
reaction, (2) can be used to calculate E from either the substrate enantiomeric excess
(eeS) or the product enantiomeric excess (eep) and the conversion c:

E =
ln[1− c(1 + eep)]
ln[1− c(1− eep)]

=
ln[(1− c)(1− eeS)]
ln[(1− c)(1 + eeS)]

. (2)

Because calculation of E on the basis of one conversion and ee measurement is
highly unreliable, curve fitting should be employed using as many data points as
possible. Figure 9 shows the conversion versus eeS curves for Es of 3, 5, 10, and 100.
At 50% conversion, the values of eeS differ the most, indicating that measurements
at around 50% conversion provide more valuable data than measurements at low or
high conversion levels.

In order to get good results in a kinetic resolution, E must be high, preferably
well above 30 [66]. However, in organic media the enantioselectivity of an enzyme
can depend strongly on parameters such as temperature and solvent, so medium
engineering is often a fast and highly effective tool to increase E .

Fig. 9 Theoretical
conversion versus eeS curves
for different Es
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3.2 Reaction Mechanism and Enantioselectivity of Lipases

Lipases belong to the subclass of α/β-hydrolases and their structure and reaction
mechanism are well understood. All lipases possess an identical catalytic triad con-
sisting of an aspartate or glutamate, a histidine, and a nucleophilic serine residue
[67]. The reaction mechanism of CALB is briefly discussed as a typical example of
lipase catalysis (Scheme 7).

The catalytic triad of CALB consists of Asp187, His224, and Ser105, while the
oxyanion hole is formed by the backbone amide protons of Thr40 and Gln106 and
the side-chain of Thr40. First, a substrate reversibly complexes to the free enzyme
(Scheme 7, top left), thereby forming a Michaelis–Menten complex. After correct
positioning of the substrate, a nucleophilic attack of Ser105 onto the substrate car-
bonyl group occurs and a first tetrahedral intermediate is formed (Scheme 7, top
right). In this tetrahedral intermediate, the negative charge on the former substrate
carbonyl oxygen is stabilized by three hydrogen-bond interactions with the oxyan-
ion hole, whereas the positive charge on His224 is stabilized by interaction with
Asp187. Subsequently, proton transfer from His224 to the substrate alkyl oxygen
takes place and the alcohol part of the residue is liberated from the enzyme. As a
result, a covalently bound acyl-enzyme intermediate is formed at the end of the acy-
lation step (Scheme 7, bottom right). Subsequently, the acyl-enzyme intermediate
is deacylated by an incoming nucleophile R′′NuH, which is generally water, an al-
cohol, or an amine. A second tetrahedral intermediate is formed by attack of the
nucleophile onto the acyl-enzyme carbonyl group (Scheme 7, bottom left). In this
process, the proton is transferred from the nucleophile to the His224 residue and the
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Scheme 7 Catalytic mechanism of CALB showing an acylation and deacylation step and the
formation of a covalently bound acyl-enzyme intermediate (bottom right)
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positive and negative charges are effectively stabilized by Asp187 and the oxyanion
hole, respectively. Then, the proton is transferred from the His224 residue to the
Ser105 alkyl oxygen while restoring the carbonyl bond of the bound substrate. As
a result, a weakly bound enzyme–product complex is formed and the free enzyme
species is regenerated after release of the reaction product.

3.2.1 Enantioselectivity of Lipases Towards the Nucleophile

The enantioselectivity of lipases towards secondary alcohols and amines is well-
documented in the literature [68–71]. In general, lipases display a strong (R)-
selectivity towards secondary alcohols. In the case of CALB, for example, an E
of 106 has been reported in the kinetic resolution of (rac)-1-phenylethanol [72].
The active site of CALB contains a small cavity called the stereospecificity pocket,
which can hold a methyl- or ethyl-sized substituent. The smaller substituent of the
secondary alcohol can be placed in this stereospecificity pocket during reaction,
while the larger substituent resides in the larger cavity. The spatial orientation of
these cavities implies that (R)-secondary alcohols are highly preferred; the docking
of an (S)-secondary alcohol leads to significant steric hindrance. This behavior was
empirically recognized by Kazlauskas [73] and was later confirmed on a molecular
level by Uppenberg et al. [74]. Similarly, the (R)-enantiomer in primary amines next
to a chiral center is also the faster reacting enantiomer.

3.2.2 Enantioselectivity of Lipases Towards the Acyl Donor

Although many publications have covered the enantioselectivity of lipases in the
deacylation step, their enantioselectivity in the acylation step (i.e., towards the acyl
donor) has received much less attention. Generally, the selectivity of lipases towards
racemic esters or acids is low to moderate [75–77]. Directed evolution and site-
directed mutagenesis lead to a significant increase in the selectivity of the wild-type
enzymes [78–80]. However, the enantiomeric ratios attained are still well below
those typically obtained in kinetic resolutions of secondary alcohols.

3.2.3 Enantioselectivity in the Ring-Opening of Substituted Lactones

Lactones are ideal substrates for preparing polymers because they incorporate both
the acyl donor as well as the nucleophile (after ring-opening) in one molecule. Intro-
ducing a substituent on the lactone ring inevitably generates a chiral center. Since
the enantioselectivity of an enzyme can be determined both in the acylation and
in the deacylation step, the question is how the position and the size of a substituent
on the lactone ring affects the selectivity. In addition, the size of the lactone ring
may play an important role because the ring conformation of the ester bond in the
lactone ring changes from cisoid (ring size <8) to transoid (ring size >8) [81].
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[82], (b) hydrolysis of 4-alkyl-substituted ε-caprolactones [83], (c) transesterification of 6-alkyl-
substituted ε-caprolactones [84], and (d) transesterification of ω-methyl-substituted lactones [85]

Shioji et al. found a pronounced (S)-selectivity in the hydrolysis of 6-methyl-
ε-caprolactone (6-MeCL) employing CALB as the biocatalyst (E > 100) [82].
Hydrolysis of CLs with substituents at different positions (Fig. 10a) showed that
there is an odd–even effect in the selectivity of CALB-catalyzed hydrolysis of
methyl-substituted CLs, and E was moderate to good. Similar odd–even effects have
been observed in the esterification of methyl-substituted decanoic acids when using
Candida rugosa lipase [77]. Peeters et al. studied the hydrolysis of 4-alkyl substi-
tuted CLs (Fig. 10b) employing Novozym 435 [83]. Increasing the substituent size at
the 4-position led to a rapid decrease of E from 17.6 to 4.6, although (S)-selectivity
was observed in all cases.

Transesterification reactions of substituted lactones were also studied. The
butanolysis of 6-MeCL evaluated by Bisht and coworkers in organic medium
employing CALB showed an (S)-preference, but with a significantly lower selec-
tivity (E = 7) compared to the hydrolysis reaction [86]. van As et al. studied the
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transesterification of 6-alkyl substituted CLs (Fig. 10c) [27, 84]. A decrease in the
enantioselectivity was observed in the transesterification of 6-substituted CLs upon
increasing the substituent size, but (S)-selectivity was present in all lactones. van
Buitenen et al. evaluated the transesterification of lactones differing in ring size
with the methyl substituent at the ω-position (Fig. 10d) [85]. Remarkably, small
lactones (up to seven-membered ring) showed reactivity for the (S)-enantiomer or
for both enantiomers, whereas in the case of larger rings the (R)-enantiomer was
the faster reacting (Fig. 11). In fact, the (R)-selectivity for the transesterification
of ω-methyl-substituted lactones is what one would expect on the basis of the
(R)-selectivity found in the esterification of secondary alcohols. The observed high
(R)-enantioselectivity in the hydrolysis or transesterification of these large ring
lactones can be explained by the fact that the enantioselective step in the reaction
sequence is merely the reverse of the acylation of a chiral secondary alcohol because
the enantioselective step in the reaction sequence goes through the same transition
state [87].

The (S)-selectivity for 6-MeCL in Novozym-435-catalyzed hydrolysis and trans-
esterification reactions was unexpected. Recent molecular modeling studies by Veld
et al. suggest that the cisoid ester conformation in lactones of ring size below eight
could be responsible for the switch in enantioselectivity [88]. In contrast, the ester
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Fig. 11 Enantioselectivity in the CALB-catalyzed transesterification of ω-methyl lactones [75]
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bond in larger ring lactones (ring size above eight) adopts a transoid conformation,
as do open chain esters, explaining the observed (R)-selectivity [89]. This switch in
selectivity has important implications in ROPs of ω-substituted lactones, as we will
see in Sect. 3.3.

3.3 Enantioselective Ring-Opening Polymerizations of Substituted
Lactones Using Lipases

Because the action of lipases relies on a two-step mechanism with an acylation step
and a deacylation step, involving a covalent acyl-enzyme intermediate (Scheme 7),
both the acylation and deacylation step can occur enantioselectively when using a
(chiral) substituted lactone. In the case of a lactone as acyl donor, the product formed
after ring-opening can act as a nucleophile, explaining the propensity of lactones to
be polymerized by Novozym 435. Enantiodiscrimination occurs in the formation of
the acyl-enzyme intermediate, but might also occur in the deacylation step because
the alcohol formed after ring-opening, which serves as the propagating chain end, is
chiral as well. It is well known that lipases show a pronounced selectivity for (R)-
secondary alcohols in the deacylation step, but there are few reports dealing with the
selectivity of substituents more remote from the nucleophilic center. Therefore, the
enzymatic ROP of substituted lactones might result in optically active polymers, and
the enantioselectivity observed could arise from the acylation step, the deacylation,
or a combination of both.

The first enzymatic polymerizations of substituted lactones were performed by
Kobayashi and coworkers using Pseudomonas fluorescens lipase or CALB as the
biocatalyst [90–92]. A clear enantiopreference was observed for different lactone
monomers, resulting in the formation of optically active polymers. More recently,
a systematic study was performed by Al-Azemi et al. [93] and Peeters et al. [83]
on the ROP of 4-alkyl-substituted CLs using Novozym 435. Peeters et al. studied
the selectivity and the rates as a function of the substituent size with the aim of
elucidating the mechanism and the rate-determining step in these polymerizations.
Enantio-enriched polymers were obtained, but the selectivity decreased drastically
with the increase in substituent size [83]. Remarkably for 4-propyl-ε-caprolactone,
the selectivity was for the (R)-enantiomer in a polymerization, whereas it was (S)-
selective in the hydrolysis reaction. Comparison of the selectivity in the hydrolysis
reaction (Fig. 10b) with that of the polymerization reaction (Scheme 8a) revealed
that the more bulky the alkyl substituent, the more important the deacylation step
becomes as the rate-determining step.

The polymerization of lactones with the methyl substituent at different positions
showed identical enantiopreferences in the polymerization reactions (Scheme 8b) as
observed for the hydrolysis reaction (Fig. 10a) [26]. Also in this case, the alternating
orientation of the methyl group from 3- to 5-MeCL in the faster reacting enantiomer
suggested an odd–even effect. Comparison of the initial rate constants showed that
the polymerization of 5-MeCL proceeded the fastest (ki = 5h−1), whereas 3-MeCL
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Scheme 8 Enzymatic polymerization of various substituted ε-caprolactones

and 4-MeCL showed moderate polymerization kinetics with initial rate constants
of 1.3 and 1.1 h−1, respectively. On the other hand, 6-MeCL did not polymer-
ize (ki < 0.1h−1). Although the initiation (i.e., ring opening of 6-MeCL with the
initiator benzyl alcohol) clearly occurred, the absence of further consumption of 6-
MeCL was indicative of the virtual absence of propagation. This was explained by
the configuration of the secondary alcohol formed after the ring opening of (S)-6-
MeCL. The formed (S)-alcohol is unreactive in CALB-catalyzed esterifications of
secondary alcohols (see above), hampering polymerization of this monomer on a
practical time scale.

van Buijtenen et al. investigated the ROP of lactones with different ring
sizes. In contrast to the ring-opening of the lactones with ring sizes of seven
or less, ring-opening of the larger lactones with ring sizes between 8 and 13
was (R)-selective [85]. The formation of a reactive (R)-secondary alcohol for
ω-methylated lactones with ring sizes of eight or more enabled straightforward
kinetic resolution polymerization of these substrates. 7-Methylhepanolactone
(7-MeHL), 8-methyloctanolactone (8-MeOL) and 12-methyldodecanolactone (12-
MeDDL) (Fig. 10d) were successfully polymerized. The highest activity was
observed for the polymerization of 7-MeHL (kcat = 270s−1), followed closely
by that of 12-MeDDL (kcat = 223s−1). The polymerization of 8-MeOL was
around five times slower (kcat = 44s−1) than the polymerization of 7-MeHL and
12-MeDDL. In all cases, good molecular weights were obtained for the chiral
polymers (14–16 kDa), with polydispersity indexes (PDIs) varying between 1.23
and 2.25.
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3.4 Chiral Polymers by Chemoenzymatic Catalysis

3.4.1 Dynamic Kinetic Resolution and its Extension to Polymer Chemistry

A prominent example of chemoenzymatic catalysis in bio-organic chemistry is the
dynamic kinetic resolution (DKR) of secondary alcohols (Scheme 9) [94, 95] and
amines [96–99]. In this process, a lipase is employed as an enantioselective acy-
lation catalyst, and a metal-based catalyst ensures continuous racemization of the
unreactive enantiomer.

Extension of DKR to polymer chemistry would readily result in chiral polyesters,
polycarbonates, or polyamides from an optically inactive monomer mixture.
Scheme 10 describes three variants of chemoenzymatic catalysis applied in poly-
mer chemistry that recently appeared in the literature. Route A uses AA and BB
monomers to prepare chiral polymers from racemic/diasteromeric diols. Route B
converts an enantiomer mixture of AB monomers to homochiral polymers. Route
C is the enzymatic ring-opening polymerization of ω-methylated lactones to ho-
mochiral polyesters. Details will be given in Sect. 3.4.2.
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Scheme 9 Chemoenzymatic DKR of secondary alcohols
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3.4.2 Dynamic Kinetic Resolution Polymerization of AA–BB Monomers
and AB Monomers

A straightforward extension of DKR to polymer chemistry is the use of diols
and diesters (AA–BB monomers) or ester–alcohols (AB monomers) as substrates
(Scheme 10, routes A and B). Such reactions have been referred to as DKR poly-
merizations and lead to the formation of oligomers and/or polymers because of the
bifunctional nature of the reagents.

The extension of DKR to polymer chemistry is not trivial in practice since side
reactions that are relatively unimportant in DKR (dehydrogenation, hydrolysis) have
a major impact on the rate of polymerization and attainable chain lengths because
the stoichiometry of the reactants is an important issue. As a result, the reaction
conditions and catalyst combinations used in a typical DKR process will not a priori
lead to chiral polymers from racemic or achiral monomers with good molecular
weight (>10 kDa) and high ee (>95%).

Hilker et al. successfully employed the DKR of secondary alcohols developed
at the Dutch company DSM [100] to prepare chiral polymers from α,α′-dimethyl-
1,4-benzenedimethanol (1,4-diol) and dimethyl adipate (DMA) (Fig. 12a) [101].
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Fig. 12 (a) DKR polymerization of 1,4-diol and dimethyl adipate. (b) Chemical structure of
Noyori-type racemization catalyst 1 and Shvo’s racemization catalyst 2
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The applied catalytic system consisted of a Ru-Noyori-type racemization catalyst
1 (Fig. 12b) and Novozym 435. This catalyst combination tolerates a wide range
of acyl donors, and it was expected that it would allow the use of bifunctional acyl
donors for the formation of polycondensates. Before the start of the reaction, the
monomer mixture showed the expected diastereomer ratio of (S,S) : (R,R) : (R,S)
of 1:1:2 of the 1,4-diol employed. After 30 h of reaction the (S,S)-enantiomer al-
most completely disappeared, whereas the ratio of (R,R)- to (R,S)-monomer was
ca. 3:1 (R : S ca. 7:1). At a hydroxyl group conversion of 92% after 70 h, no fur-
ther conversion was observed and a final ratio of (R,R) to (R,S) of 16:1 (R : S ca.
33:1) was obtained. Unfortunately, the molecular weights of the polymer were mod-
erate at best (Mw = 3.4kDa) and Novozym 435 had to be added every few hours to
compensate for the activity loss of the lipase. This suggests that Ru-catalyst 1 and
Novozym 435 are not fully compatible.

van As et al. improved the catalytic system by changing the racemization catalyst
from 1 to Shvo’s catalyst 2 [102] (Fig. 12b) and by adding the hydrogen donor 2,4-
dimethyl-3-pentanol (DMP) to suppress dehydrogenation reactions [103]. DMP is a
sterically hindered alcohol and is not accepted by Novozym 435 as a substrate. Al-
though Shvo’s catalyst 2 is a significantly slower racemization catalyst than 1, it does
not require the addition of K2CO3. This base, required to activate the precatalyst of
1, appears to contribute to the deactivation of Novozym 435 in DKR polymerization
conditions. For the 1,4-diol, the improved catalyst combination resulted in polymers
with ee of 94% and peak molecular weight (Mp) of 8.3 kDa within 170 h. α,α′-
Dimethyl-1,3-benzenedimethanol (1,3-diol), showed a higher solubility in toluene,
and slightly better results under similar conditions were obtained. After an optimiza-
tion study using 1,3-diol and diisopropyl adipate as the monomers, chiral polymers
were obtained with Mp values up to 15 kDa, ee values up to 99%, and (at most) 1–3%
ketone functional groups in ∼120 h as a result of dehydrogenation. Aliphatic sec-
ondary diols were also employed as the substrate, but DKR polymerization of these
diols did not lead to enantiopure polymers. At most, an ee of 46% was obtained with
low molecular weights in the range of 3.3–3.7 kDa. The latter was attributed to the
low selectivity of Novozym 435 for these secondary diols, as revealed by kinetic res-
olution experiments of 2,9-decandiol with vinyl acetate and Novozym 435. Appar-
ently, the (S)-alcohol showed significant reactivity, decreasing the ee of the polymer.

In contrast, Kanca et al. observed that aliphatic AB monomers (Scheme 11)
comprising a secondary hydroxyl group and an ester moiety did show high
enantioselectivities in a Novozym-435-catalyzed transesterification reaction [104].
The E was high for all monomers studied (E > 200). An additional advantage

Scheme 11 Novozym-435-
catalyzed transesterification
reaction of aliphatic AB
monomers containing a
secondary hydroxyl
group [104]
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of the use of AB monomers over AA–BB monomers is the lack of sensitivity
to stoichiometric issues. Polymerization of the monomers (Scheme 10, route B)
employing Novozym 435 and Ru-catalyst 2 was slow (170 h) but did result in
chiral polymers of good molecular weight and ee. For example, polymerization of
Me-7HO resulted in a polymer with an Mp of 16.3 kDa and an ee of 92%.

3.4.3 Chiral Polymers from Racemic ω-Methylated Lactones

As described above, 6-MeCL was found to be unreactive in a Novozym-435-
catalyzed polymerization reaction as a result of the formation of an unreactive
(S)-alcohol chain. These (S)-alcohols are not accepted as a nucleophile by
Novozym 435 since the lipase-catalyzed transesterification is highly (R)-selective
for the nucleophile. van As et al. proposed that by combining Novozym-435-
catalyzed ring-opening of 6-MeCL with racemization of the terminal alcohol, it
should be possible to polymerize 6-MeCL [105]. The method was termed iterative
tandem catalysis (ITC) since chain propagation can only be achieved by a combi-
nation of two fundamentally different catalytic systems. The proof-of-principle was
shown by the polymerization of (S)-6-MeCL using Novozym 435 and Noyori-type
catalyst 1 (Scheme 12). The ring-opening of (S)-6-MeCL, the preferred enantiomer
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Scheme 12 Chiral polymers from racemic ω-methylated lactones by iterative tandem catalysis
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of Novozym 435, will lead to a ring-opened product with an (S)-alcohol chain
end. This product is virtually unreactive and propagation does not occur. To en-
able polymerization of (S)-6-MeCL, racemization of the (S)-alcohol that is formed
upon ring-opening is required, furnishing a reactive (R)-chain end. These can
subsequently react with another molecule of (S)-6-MeCL. If the less reactive (R)-
6-MeCL is incorporated (which will occur because the selectivity for lactones is
moderate with an E of 12), a reactive (R)-chain end is obtained and propagation
occurs instantly. In this way, both enantiomers of the monomer are consumed. It
appeared, however, that polymerization with the Novozym 435/1 catalytic system
was not feasible: only oligomers were obtained in one-step reactions because the
catalysts were poorly compatible under the reaction conditions employed.

A significant improvement was achieved when Shvo’s Ru-catalyst 2 (Fig. 12b)
was employed in combination with the addition of DMP to suppress dehydrogena-
tion reactions [106]. Poly-(R)-6-MeCL, with a promising ee of 86% and Mp of
8.2 kDa, was obtained after workup starting from optically pure (S)-6-MeCL. The
low rate of reaction compared to DKR (typically complete after 48 h with the Shvo
catalyst) is attributed to the low concentration of the terminal alcohol as well as to
the iterative nature of the system. Racemic 6-MeCL showed comparable rates of
reaction for both enantiomers, which polymerized within 220 h with complete con-
version of both enantiomers, yielding polymers of high ee (92%) and Mp (9.4 kDa).
Successful polymerizations with more than 100 consecutive and iterative enzymatic
additions and Ru-catalyzed racemizations on one polymer chain were realized.

3.4.4 Chiral Block Copolymers by Chemoenzymatic Catalysis

Chiral polymers can be prepared using a one-pot system, i.e., all reactants and cata-
lysts are present at the start of the reaction and both catalysts work simultaneously.
However, one can also envisage the synthesis of chiral polymers using catalysts
in sequence, either in one pot or even completely independent of each other. This
section will deal with the synthesis of chiral block copolymers using different
catalysts in sequence. An interesting example of the synthesis of chiral polymers
using catalysts in sequence is the synthesis of chiral block copolymers in a sequen-
tial approach. Both ATRP and nitroxide-mediated LFRP were evaluated for this
purpose.

Peeters et al. combined the enzymatic ring-opening polymerization of 4-MeCL
with a controlled ATRP of MMA (Scheme 13) [27]. This resulted in the formation
of a chiral block copolymer. In the case of combining ATRP and enantioselective
ROP (eROP) of 4-MeCL, it was found that the addition of Ni(PPh3)4 inhib-
ited Novozym 435 and at the same time catalyzed the ATRP reaction. While
Novozym 435 did not interfere with the ATRP of MMA, Ni(PPh3)4 clearly inhib-
ited Novozym 435 during the eROP of 4-MeCL. After precipitation, the chiral block
copolymers (Mn = 11kDa and 17 kDa) were isolated as solid compounds showing
two glass transition temperatures (Tg) at −60 and 100 ◦C, indicative of phase sepa-
ration between the two blocks.
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A similar approach was followed with the eROP of 4-MeCL, followed by
nitroxide-mediated LFRP of styrene using a bifunctional catalyst (Scheme 4) [43].
Styrene, the monomer for the NMP was added at the beginning because it proved to
be a good solvent for an eROP. An inhibitor, paraoxon, was added after the eROP to
prevent further transesterification reactions, and increasing the temperature to 95◦C
started the nitroxide-mediated LFRP. After precipitation, the chiral block copoly-
mers obtained showed two Tg at −51 ◦C and 106 ◦C. The specific rotation [α]D

25

of the block copolymer was −2.6◦. This is in good agreement with the optical ro-
tation of −7.2◦ reported by Bisht [93] for poly[(S)-4-MeCL] with an ee of 90%,
considering that the block length ratio of chiral to nonchiral block in the poly[(S)-
4-MeCL-co-S] block copolymer is ca. 1:2.

3.4.5 Chiral Side-Chain Polymers by Chemoenzymatic Catalysis

Duxbury et al. recently showed an elegant approach for the tuning of polymer prop-
erties with chirality [107]. With the aid of two alcohol dehydrogenases that show
opposite enantioselectivities in the reduction of ketones (ADH-LB and ADH-T),
the two enantiomers of p-vinylphenylethanol were obtained in excellent yield and
ee. Copolymers of these monomers with styrene using free-radical polymerization
afforded random block copolymers with compositions ranging from 100% (R)- to
100% (S)-alcohol in the side chains (Scheme 14). The backbones were designed to
contain a total of approximately 45% of the secondary alcohol monomer (either (R),
(S), or a mixture). The polymers showed number-average molecular weight Mn of
5.0–6.0 kDa and PDIs between 1.7 and 2.1. From differential scanning calorimetry
(DSC) analysis, a similar Tg of approximately 115 ◦C was found for all polymers,
irrespective of their chiral composition, suggesting that the enantiomeric composi-
tion has no effect on their thermal properties. The optical rotation of the polymers
increased linearly from −20 to +20◦. Novozym 435 was used to catalyze the es-
terification of the alcohol groups on the polymer backbone with vinyl acetate in
toluene (Scheme 14). When a backbone containing 100% (S)-secondary alcohol
groups (styrene copolymer containing approximately 45% alcohol monomer) was
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used for the enzymatic grafting of vinyl acetate, no reaction was observed over a
period of 24 h. In contrast, when a backbone containing 100% (R)-secondary al-
cohol groups was used, the enzymatic esterification of vinyl acetate occurred from
75% of the alcohol groups within 24 h. This is the first example in which chiral infor-
mation stored in a polymer chain can be “read out” by an enantioselective enzymatic
reaction.

In a related approach, Padovani et al. prepared copolymers of styrene and a
styrene derivative containing two pendant ester bonds using free-radical poly-
merization (Scheme 15) [108]. Transesterification reactions were conducted with
Novozym 435 as the catalyst and benzyl alcohol or (rac)-1-phenylethanol as the
nucleophile. Interestingly, the ester bond closest to the polymer backbone (posi-
tion A in Scheme 15) remained unaffected, whereas ester bond B reacted in up to
98% to the corresponding benzyl ester. The transesterification was not only highly
chemoselective but also enantioselective. Conversion of (rac)-1-phenylethanol in
the transesterification reaction amounted to a maximum conversion of 47.9% of the
(R)-alcohol, and only at the ester position B.

Yashima et al. showed an example where the polymer helicity was controlled
by enzymatic enantioselective acylation of the monomers [109]. Optically active
phenylacetylenes containing hydroxyl or ester groups were obtained by the kinetic
resolution of the corresponding racemic hydroxy-functional phenylacetylene (see
Scheme 16). Polymerization of the phenylacetylenes afforded an optically active
poly(phenylacetylene) with a high molecular weight (Mn = 89kDa; PDI = 2.0) and
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with a preferred helical sense, as evidenced by circular dichroism spectroscopy.
Poly(acetylenes) are dynamic helical polymers composed of interconvertible left-
and right-handed helical conformations separated by helical reversals. The optical
activity introduced by the small excess of chiral monomers biases one of the helical
conformations. Upon reaction of the chiral alcohols in the polymer using an acid
chloride or an isocyanate, the helix sense was inverted. Although helix inversions
have been reported previously for poly(phenylacetylenes) by temperature, solvent,
and chiral additives, this is the first example of helicity inversion by chemical mod-
ification using achiral compounds.

4 Conclusions

Enzymatic polymerizations have been established as a promising and versatile
technique in the synthetic toolbox of polymer chemists. The applicability of this
technique for homo- and copolymerizations has been known for some time. With the
increasing number of reports on the synthesis of more complex structures like block
copolymers, graft copolymers, chiral (co)polymers, and chiral crosslinked nanopar-
ticles, its potential further increases. Although not a controlled polymerization
technique itself, clever reaction design and integration with other polymerization
techniques like controlled radical polymerization allows the procurement of well-
defined polymer structures. Specific unique attributes of the enzyme can be applied
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to develop materials and processes difficult to achieve otherwise. Examples are the
synthesis of chiral block copolymers (stereoselectivity), the selective modification
of polymer endgroups using enzymatic chemoselectivity, the synthesis of fluori-
nated block copolymers in a fully green process in scCO2, and the synthesis of
optically active materials from racemic mixtures in one step. It can be expected
that this trend will continue and we will see more examples in which the specific
strength of the enzyme (selectivity) leads to unique materials. As a result, a com-
bined multidisciplinary effort at the interface of biocatalysis, polymer chemistry,
and organic catalysis could lead to a paradigm shift in polymer chemistry and al-
low a higher level of structural complexity in macromolecules, reminiscent of those
found in Nature.
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Hydrolases in Polymer Chemistry: Part III:
Synthesis and Limited Surface Hydrolysis
of Polyesters and Other Polymers

Georg M. Guebitz

Abstract Limited enzymatic surface hydrolysis of polyamides, polyethyleneter-
phthalates (PET) and polyacrylonitriles has been demonstrated to be a powerful
and yet mild strategy for directly improving polymer surface properties (e.g., hy-
drophilicity) or activating materials for further processing. Recently, mechanistic
details on enzymatic surface hydrolysis have become available, especially for the
functionalisation of PET, which has been investigated in most detail. Generally,
enzymes show a strong preference for amorphous regions of polymers. Conse-
quently, during hydrolysis, the degree of crystallinity increases according to FTIR
and DSC analysis. MALDI-TOF analysis has shown that PET hydrolases (i.e. cuti-
nases and lipases) cleave the polymer endo-wise, in contrast to alkaline hydrolysis.
As a result, an increase in the amount of carboxyl and hydroxyl groups has been
found upon enzymatic hydrolysis, according to X-ray photoelectron spectroscopy
and various derivatisation and titration methods recently adapted for this purpose.
These mechanistic data, combined with advances in structural and molecular biol-
ogy, help to explain the considerably different activities of closely related enzymes
(e.g. cutinases) on polymers.

Keywords Cutinase · Polyacrylonitrile · Polyamide · Polyethyleneterphthalate ·
Surface hydrolysis
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1 Limited Surface Hydrolysis of Synthetic Polymers

1.1 General Aspects: Introduction

Limited enzymatic surface hydrolysis of polyamides (PA), polyethyleneterphtha-
lates (PET) and polyacrylonitriles (PAN) has been demonstrated to be a powerful but
mild strategy for directly improving polymer properties or for activating materials
for further processing. In contrast to chemical hydrolysis, the enzyme-catalysed
reaction does not change polymer bulk properties but specifically introduces
novel functional groups (i.e. carboxyl, hydroxyl, amino, amide) on the surface [1]
Thereby, a successful polyamidase or PET hydrolase catalyses a limited endo-wise
hydrolysis without any release of oligomers or monomers [2]. Consequently, there
will be no weight loss, which can reach up to 15% in chemical hydrolysis [1, 3, 4].
For PAN-hydrolyzing enzymes, only excessive hydrolysis should be avoided, which
could potentially lead to the release of polyacrylic acid [5]. Generally, limited sur-
face hydrolysis enhances the hydrophilicity of the polymers and materials made
thereof. This is a desired characteristic for synthetic textile fabrics due to lower built
up of static charges, and improved breathability, moisture transport and wearing
comfort. In contrast to impregnation with chemical finishers for the same purpose,
the covalent enzymatic modification obviously has a higher fastness. Improved hy-
drophilicity of PA can decrease the tendency of PA-based ultrafiltration membranes
for fouling by proteins and other biomolecules. Thus, enzymatic hydrophilisation
of such membranes could decrease the energy demand for filtration and for cleaning
with aggressive chemicals or could avoid frequent replacement [6–9]. Similarly, in-
creased hydrophilicity of PET (i.e. 15◦ lower contact angle) has been demonstrated
to reduce bacterial adhesion and, consequently, reduce infections of cardiovascular
implants such as artificial heart valve sewing rings and artificial blood vessels [9].

In addition to direct beneficial effects of increased hydrophilicity, this property
is a key requirement in further processing of synthetic materials in gluing, painting,
inking, anti-fogging, filtration, textiles, electronics and biomedical areas [10]. For
example, an increased number of functional groups on the PET surface can enhance
binding and reduce binder consumption in coating with PVC [11]. Similarly, in the
production of flexible electronic devices (FEDs) such as displays or photovoltaic
cells, surface hydrophilisation is required for the attachment of functional layers
[12]. Many reports have shown that increased hydrophilicity of synthetic fabrics can
improve dye binding and fastness. In Sect. 1.2, recent advances in enzymatic surface
hydrolysis of PA, PET and PAN will be discussed with special focus on mechanistic
aspects and substrate specificities of the various biocatalysts investigated for this
purpose.
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1.2 Monitoring Surface Hydrolysis

For various applications of synthetic polymers, such as in textiles, limited enzymatic
surface hydrolysis should ultimately bring increases in hydrophilicity. Conse-
quently, quantification of this parameter was the main target of early studies on
enzymatic surface hydrolysis. Thereby, simple and fast analysis methods primarily
involved measurement of the water contact angle (WCA) and the rising height,
and the drop dissipation test. In addition, dye binding on textile fabrics was used
as a measure to quantify success of the enzyme treatment (Table 1). However,
besides enzymatic hydrolysis, enzyme protein adsorption can also increase the
hydrophilicity and, consequently, the dye binding on synthetic polymers. For
example, treatment of PET with a cutinase from Fusarium solani and a lipase
from Candida antarctica resulted in protein layers with thickness of 1.6–2.6 nm
and 2.5–2.8 nm, respectively, according to angle-resolved X-ray photoelectron
spectroscopy (XPS) [13]. Therefore, either complete protein removal (e.g. via ex-
traction, detergents or proteases) [1, 14] or the use of enzyme inhibitors in control
experiments is an experimental prerequisite when the above analysis methods are
used [15]. XPS was also used for monitoring PAN hydrolysis based on increasing

Table 1 Monitoring enzymatic surface hydrolysis of polymers

Method Target Polymers References

FTIR Crystallinity PET, PA [14, 19]
Amino and amide groups [16]

DSC Crystallinity PET, PTT [15, 18]
XPS (ESCA) Atomic composition PET, PTT [1, 2, 13, 16, 17]

Carboxyl and hydroxyl
groups, nitrogen content

PAN

MALDI-TOF Changes in DP PET [2]
Oligomers formed

SEM Morphology PET, PA, PAN Various
WCA, drop test,

rising height
Hydrophilicity PET, PA, PAN Various

Tensiometry Surface charge PET, PA [11, 20]
Dye binding Indirect measure for

functional groups
PET, PA, PAN Various

Derivatisation Quantification of carboxyl
and hydroxyl groups with
2-(bromoniethyl)naphthalene
and sulphobenzoic acid
anhydride, respectively

PET [11, 14]

Titration Quantification of carboxyl
groups

PET, PA [18, 21]

HPLC, LC-MS,
other

Quantification of oligomers
and monomers released

PET, PA, PAN Various

Weight loss Solubilisation of oligomers PET, PA Various
Tensile strength Bulk properties PET, PA, PAN Various
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oxygen content and to quantify the amount of carboxyl and hydroxyl groups inserted
upon enzymatic hydrolysis of PET [2, 13, 16, 17]. Alternatively, carboxyl groups or
hydroxyl groups in PET were quantified on the basis of esterification with
fluorescent 2-(bromoniethyl)naphthalene (BrNP) or sulphobenzoic acid anhy-
dride, respectively [11, 14]. For the same purpose, other authors have used a
titration method quantifying NaOH consumption under constant pH conditions
[18]. Differential scanning calorimetry (DSC) and Fourier transform infrared spec-
troscopy (FTIR) allow determination of crystallinity changes during enzymatic
hydrolysis of PET and PTT, which usually occur due to the preference of the en-
zymes for amorphous regions [15]. FTIR was also used to follow formation of
amide and amino groups during hydrolysis of PAN and PA [16, 19]. Quantification
of ammonia released from PAN is a simple method and yet reliable for quantify-
ing surface hydrolysis (if proceeding to the corresponding acid) [16]. Likewise,
monomeric and oligomeric reaction products released during hydrolysis of PA and
PET were determined with simple spectrophotometry (e.g. terephthalic acid) or
more sophisticated tools (e.g. LC-MS). The release of molecules from polymers
is certainly a proof of enzyme hydrolysis and reveals useful information about
specificities of different enzymes. However, a high exo-type hydrolysis activity
resulting in the release of water-soluble monomers and short-chain oligomers will
lead to polymer degradation rather than functionalisation. Thus, for the study of
endo-type surface hydrolysis, other techniques such as MALDI-TOF have been
used for quantifying the formation of large fragments [2].

2 Polyamidases

Certain proteases, amidases, lipases and cutinases have been shown to hydrolyse
polyamide 6 and polyamide 6,6 [20, 22–25]. Consequently, the term polyami-
dases comprises enzymes from distinct classes but which show the ability to act
on water-insoluble polyamides. Initially, the potential of enzymes for PA hydrolysis
was assessed both to recover monomers and to degrade oligomers resulting during
production. For the first issue, enzymes from Comamonas acidovorans were de-
scribed [26]. On the other hand, enzymes from Arthrobacter sp. and Pseudomonas
sp. have been investigated for the hydrolysis of nylon oligomers [27]. Apart from
enzymatic degradation of PA or PA oligomers, targeted (limited) surface hydrolysis
has been investigated. The concomitant reduction of PA hydrophobicity has been
demonstrated to enhance the wearing comfort of PA fabrics or to prevent fouling
of PA-based ultrafiltration membranes [6–9]. Thereby, the enzyme-based process
represents an environmentally friendly and highly specific alternative to chemical
or plasma treatments [28–30].

Recently, improved hydrophilicity and dyeability with acid and disperse dyes of
nylon 6 fibres after treatment with protease (subtilisin) was reported [31]. Similarly,
various proteases were used for surface hydrolysis of nylon 6,6 fibres, leading to
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higher dyebath exhaustion for reactive and acid dyes. PA surface hydrolysis was
demonstrated by using FTIR analysis based on changes in the 3300–3500, 1533,
1657 and 1000–1300 cm−1 areas [19]. Based on DSC studies, no changes in glass
transition and melting points were observed upon limited enzyme hydrolysis. Other
authors have quantified the release of monomeric and oligomeric reaction products
resulting during hydrolysis of PA with a protease Bacillus subtilis. Again, treat-
ment with this enzyme led to increased hydrophilicity and enhanced binding of
reactive dyes [22]. Hydrolysis of PA monofilaments with aspartic protease Protease
M, cysteine protease Bromelain and metallo-protease Corolase N was confirmed by
titration of generated carboxylic end-groups [21].

Apart from proteases, cutinases and lipases were demonstrated to hydrolyse PA.
Hydrolysis of PA with a lipase (not further specified) was confirmed by using FTIR
analysis and dye-binding assays [32]. Several reports have assessed the potential of
cutinases for PA functionalisation, and a fungal cutinase from F. solani was suc-
cessfully genetically engineered towards higher activity on a PA oligomer and PA
[23–25].

Production of amidases capable of hydrolysing PA was recently reported both
for fungi and bacteria. An amidase from the fungus Beauveria brongniartii in-
creased the hydrophilicity of PA6, resulting in a reduction of the drop dissipation
time from 60 to 7 s after 60 min incubation, while the surface tension σ increased
after 3 min of enzyme treatment from 46.1 to 67.4 mNm [33]. This 55 kDa amidase
hydrolysed both aliphatic and aromatic amines but did not show protease activity.
Similarly, a bacterial amidase from Nocardia farcinica with PA hydrolase activity
did not show protease activity [20]. Again, considerable hydrophilicity increases
of PA were measured, based on rising height and tensiometry measurements after
treatment with this enzyme. The N. farcinica polyamidase belongs to the amidase
signature family and, consequently, hydrolysed various small amides and esters in-
cluding p-nitroacetanilide and p-nitrophenylbutyrate [34].

Unlike serine proteases, lipases and esterases, which are all characterised by
the catalytic triad Ser-His-Asp, the catalytic reaction of this polyamidase involves
the Ser-Ser-Lys triad [35, 36]. Interestingly, individual representatives of the ami-
dase signature family enzymes show very distinct substrate specificities, which
could be due to binding of the substrate by residues outside the signature se-
quence [35, 36]. Surprisingly, several closely related amidases (based on amino acid
sequences) within the amidase signature family did not hydrolyse PA but were re-
ported to degrade cyclic nylon oligomers [37, 38] (Fig. 1). For PA oligomer hydrol-
ysis by Arthrobacter sp. KI72 and Pseudomonas sp. NK87, a 6-aminohexanoate-
cyclic-dimer hydrolase (EI), a 6-aminohexanoate-dimer hydrolase (EII) and an
endo-type 6-aminohexanoate-oligomer hydrolase (EIII) have been described [27].
EIII hydrolyses the cyclic tetramer and dimer as well as linear oligomers endo-wise
[37]. Like the N. farcinica polyamidase, the cyclic dimer hydrolases belonged to the
amidase signature family whereas the linear dimer hydrolase (EII) activity evolved
in an esterase with β-lactamase folds. In contrast, the endo-acting EIII showed the
lowest homology to the N. farcinica polyamidase [20, 27].
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BAA01524_Pseudomonas sp. NK87 (EII) (0.3321)

BAA05087_Arthrodbacter sp. KI723T1 (EII) (0.0564)
BAA05089_Arthrobacter sp. KI723T1 (EII') (0.0609)

BAA05088_Arthrobacter sp. KI723T1 (EIII) (0.4630)

CAC93613_Stenotrophomonas maltophilia (0.3831)
069768_Pseudomonas putida (0.3627)

BAA05090_Arthrobacter sp. KI723T1 (EI) (0.0000) 

P13398_Pseudomonas sp. NK87 (EI) (0.0000)

Q092U4_Stigmatella aurantiaca DW4/3-1 (6-aminohexanoate-cyclic-dimer hydrolase) (0.2373)
Q1D8G0_Myxococcus xanthus DK 1622 (amidase familiy protein) (0.1859)

Q21Z32_Rhodopseudomonas palustris HaA2 (amidase) (0.2347)
MS fragments (0.0065)

YP_119043_Nocardia farcinica IFM 10152 (0.0083)

Q396E7_Burkholderia sp. 383 (amidase) (0.2397)
Q5LQG3_Silicibacter pomeroyi (6-aminohexanoate-cyclic-dimer hydrolase) (0.2761

Fig. 1 Phylogenetic tree based on amino acid sequences of the polyamidase from Nocardia
farcinica and other highly homologous bacterial amidases as well as amidases with substrate speci-
ficity for 6-aminohexanoate oligomers [20]

3 PET Hydrolases

As for PA-hydrolysing enzymes, representatives from different enzyme classes
including lipases, esterases, cutinases and proteases have been demonstrated to hy-
drolyse PET and are termed PET hydrolases here. Searching for PET hydrolases
in nature, the first choice was the investigation of enzymes that hydrolyse the hy-
drophobic plant polyester cutin. Cutin from the plant cuticle consists of oxygenated
C16 and C18 fatty acids crosslinked by ester bonds [39] and is essential for plant
protection. Cutin degradation by cutinases is one of the first steps in the infection
of plants [40]. Cutinases show both exo- and endo-esterase activity [41] and have
first been investigated from F. solani pisi growing on cutin as a carbon source [42].
Cutin oligomers have been suggested to induce production of these enzymes [43].

Interestingly, some PET-hydrolyzing enzyme activities were likewise inducible
by addition of cutin [44, 45]. A number of fungal cutinases, such as from F. solani
and Fusarium oxysporum [13, 46, 47]; Aspergillus oryzae, Aspergillus niger and
Aspergillus nomius [48–50]; Humicola sp. and Humicola insolens [47, 51, 52]; and
from Penicillium citrinum [45], have shown PET hydrolase activity. Cutinases carry
their active site at the surface of the protein, which is essential for endo-wise hydrol-
ysis of polymers. Recently, a comparison of the substrate specificities and structures
of the F. solani and A. oryzae cutinases revealed a preference of the latter enzyme
to hydrolyse longer chain substrates. This is probably due to a deep continuous
groove extending across the active site, in contrast to that of F. solani with a shallow
and interrupted groove (Fig. 2). Consequently, the A. oryzae cutinase showed higher
activity on the polyester poly(ε-caprolactone) [53]. Cutinases are also widespread
in bacteria, and representatives from Thermobifida fusca [2, 15, 44, 54], Ther-
mobifida alba [52] and Pseudomonas mendocina [18] have shown PET hydrolase
activity.

In addition to cutinases, various lipases, such as from C. antarctica, Candida
sp. [13, 47], Thermomyces lanuginosus [2, 14, 15, 55, 56], Burkholderia (formerly
Pseudomonas) cepacia [57] and esterases from Pseudomonas sp. (serine esterase)
[58] and Bacillus sp. (nitrobenzyl esterases) [59, 60], have shown PET hydrolase
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Fig. 2 Electrostatic surface rendering of Aspergillus oryzae (left) and Fusarium solani (right)
cutinases. The solid density illustrates the groove on the surface proximal to the active site [53]

activity. Unlike cutinases, lipases are “interfacially activated” in the presence of a
water–lipid interface [61–63]. Consequently PET hydrolase activity was enhanced
in the presence of detergents [2, 64].

Several studies have reported on hydrophilicity increases of PET after limited
enzyme hydrolysis [14, 46, 47, 54, 65]. For instance, hydrolysis of PET fabrics
with cutinases or lipases resulted in a wetting time of around 100 s compared to
45 min for the untreated material [1] and in considerable decreases of the WCA
[14]. Derivatisation with BrNP [14] or sulphobenzoic acid anhydride [11] indicated
a concomitant increase in the number of carboxyl and hydroxyl groups, respec-
tively. XPS analysis yielded the same message, based on broader carbon peaks
after enzyme treatment of PET [2, 13]. Likewise, enzyme hydrolysis of PET was
followed by using dye-binding assays, with basic dyes resulting in colour shade in-
creases of up to 200% (according to the Kubelka Monk theory) [1, 54, 60]. Limited
surface hydrolysis did not reveal morphological changes according to SEM inspec-
tions, except for prolonged incubation of low crystallinity PET (Fig. 3). In contrast
to the considerable weight losses (>6% for 1 M NaOH) and crater-like structures
(Fig. 3) reported after alkaline hydrolysis, most authors reported only insignificant
weight losses (�1%) for enzyme hydrolysis yet obtained similar hydrophilicity in-
creases [1, 14]. Obviously, this is due to the fact that (successful) enzymes hydrolyse
PET endo-wise. Only recently was this demonstrated for PET (MW = 3500) by us-
ing MALDI-TOF MS, whereas a different behaviour for cutinases and lipases was
seen [2]. Nevertheless, in several studies the release of mono- and oligomeric reac-
tion products from PET hydrolysis was demonstrated [13, 45–47, 49, 54, 55, 58].
For example, a lipase from T. lanuginosus released higher amounts of mono(2-
hydroxyethyl) terephthalate (MHET) than of terephthalic acid (TA), whereas the
amounts of TA and MHET were similar in the case of a cutinase from T. fusca.
Small amounts of bis(2-hydroxyethyl) terephthalate (BHET) were detected for both
enzymes [1].
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Fig. 3 Top row: Hydrolysis of PET with 7% crystallinity with a Humicola insolens cutinase for
(a) 0, (b) 12 and (c) 48 h resulting in weight losses of 0, 18% and 54%, respectively. Bottom row:
Hydrolysis of PET with (a) 34.8% crystallinity (blank), (b) a lipolytic enzyme (no weight loss)
and (c) 1 M NaOH (modified from [14, 18])

Several methods, including DSC and FTIR, have been used to demonstrate in-
creases of crystallinity during hydrolysis of PET [14, 18]. This indicates that PET
hydrolases preferably attack the amorphous regions of PET [13–15, 44, 66, 67].
Indeed, a cutinase from T. fusca released up to 50-fold higher amounts of oligomers
and terephthalic acid from amorphous fibres than from semi-crystalline fibres [1].
Likewise, a lipase displayed higher hydrolytic activity towards amorphous PET,
as shown by the decrease in the WCA values [14]. In the same way, NaOH titra-
tion at constant pH indicated a tenfold increase in activity of cutinases on PET
with 7% crystallinity compared to PET with 35% crystallinity [18]. Similar results
were obtained with PTT (polytrimethyleneterephthalate), which is gaining increas-
ing importance because, apart from attractive properties, one of the building blocks
(namely 1,3-propanediol) can be produced by microbial fermentation from renew-
able sources [15].

4 Polyacrylonitrilases

PAN was for a long time thought to be resistant to microbial attack. However,
various bacteria that produced nitrile-converting enzymes were isolated from waste-
waters of factories producing PAN fibre. For example, a nitrile hydratase/amidase
enzyme system was studied from Mesorhizobium sp. F28 [68]. Also, bacteria
(namely Ralstonia solanacearum and Acidovorax avenae) were used for the re-
moval of acrylic acid from such waste-waters [69]. Later, on the basis of NMR
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analysis of the release of polyacrylic acid and on microscopic inspection, bacteria
such as Micrococcus luteus were demonstrated to degrade PAN [5].

Generally, enzymatic hydrolysis of nitriles to the corresponding acids can either
proceed stepwise, which is the case for catalysis by the nitrile hydratase/amidase
enzyme system, or in one step in the case of nitrilases. Both systems have been
investigated for surface hydrolysis of PAN [10]. Complete hydrolysis with either
system was monitored by quantification of ammonia and/or polyacrylic acid formed
as a consequence of hydrolysis of nitrile groups [70–72]. As a result, considerable
increases in colour levels (e.g. 156% for commercial nitrilase) were found upon
dyeing [72].

XPS analysis and FTIR were used to quantify chemical changes on the surface
of PAN materials [5, 16]. For PAN treated with nitrilases from Arthrobacter sp.
and Agrobacterium tumefaciens, increases of the O/C ratio of 60–80%, respectively,
were measured with XPS [17]. The conversion of nitrile groups into amide groups
was demonstrated on the basis of formation of new bands at 1649 and 1529 cm−1

in FTIR analysis [16]. Generally, as with PET and PA, lower hydrolysis rates were
measured for crystalline PAN [5, 16]. Interestingly, depending on the enzyme sys-
tem used, either hydrolysis to the corresponding amides or further hydrolysis to
the acids can be achieved. Nitrile hydratases from Rhodococcus rhodochrous, Bre-
vibacterium imperiale and Corynebacterium nitrilophilus lead to the corresponding
amides, whereas further hydrolysis by the amidase seems to be slower [16, 71, 73].

Apart from nitrile-hydrolyzing enzymes, some esterases and cutinases have been
used for surface hydrolysis of PAN [74]. These enzyme were shown to specifically
hydrolyse vinyl acetate moieties present as co-monomer in many commercial PAN
materials, with no changes in crystallinity as determined by X-ray diffraction [74].

Summarising the recent progress in enzymatic surface hydrolysis of PA, PET
and PAN, recent detailed mechanistic studies using distinct analytical tools have
contributed considerably to our mechanistic understanding of the enzyme action
of these polymers. Investigations of structure–function relationships and enzyme
homologies yield important information as a basis for enzyme engineering and
screening for more efficient enzymes.
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Exploiting Biocatalysis in the Synthesis
of Supramolecular Polymers

Sangita Roy and Rein V. Ulijn

Abstract This chapter details the exploitation of biocatalysis in generating
supramolecular polymers. This approach provides highly dynamic supramolecular
structures, inspired by biological polymeric systems found in the intra- and extra-
cellular space. The molecular design of the self-assembling precursors is discussed
in terms of enzyme recognition, molecular switching mechanisms and non-covalent
interactions that drive the supramolecular polymerisation process, with an emphasis
on aromatic peptide amphiphiles. We discuss a number of unique features of these
systems, including spatiotemporal control of nucleation and growth of supramolec-
ular polymers and the possibility of kinetically controlling mechanical properties.
Fully reversible systems that operate under thermodynamic control allow for defect
correction and selection of the most stable structures from mixtures of monomers.
Finally, a number of potential applications of enzymatic supramolecular polymeri-
sations are discussed in the context of biomedicine and nanotechnology.

Keywords Biocatalysis · Enzymes · Peptides · Molecular hydrogel · Self-
assembly · Supramolecular polymers
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1 Introduction

During the last two decades, chemists have become increasingly focused on how
molecules interact, i.e. on supramolecular chemistry. Dynamic intermolecular pro-
cesses provide opportunities for incorporation of control, adaptation and function
in man-made materials, as observed in living systems. In biology, these pro-
cesses are tightly controlled by the catalytic action of enzymes. In this chapter,
we focus on enzymatically controlled supramolecular polymerisation, whereby
self-recognising molecular building blocks assemble to form extended one-
dimensional (1D) structures, or supramolecular polymers, with unique adaptive
features.

While traditional chemistry focuses on covalent bonds, supramolecular chem-
istry examines reversible, non-covalent interactions including hydrogen bonding,
metal coordination, hydrophobic interactions, van der Waals forces, π-stacking and
electrostatic interactions [1, 2]. Supramolecular polymerisation capitalises on these
interactions and involves the controlled association of amphiphilic molecular build-
ing blocks into organised structures such as fibres. At high densities, these fibres
may become entangled, forming gel-phase structures, and building blocks are there-
fore often referred to as gelators. Supramolecular polymerisation relies on a precise
balance between hydrophobic interactions and interactions of building blocks with
solvent, and can be induced by chemical and physical triggers that cause subtle
changes in their amphiphilic balance [3]. These triggers include changes in pH [4],
ionic strength [5, 6], solvent polarity or temperature, or locally induced chemical
transformations catalysed by light [7–9] or (bio)catalysts [10]. Biocatalytically con-
trolled supramolecular polymerisation has a number of attractive features that will
be explored in this chapter [11].

We will first discuss some examples of biocatalytic polymerisation in biological
systems, followed by a review of recent man-made systems and the design rules that
are emerging. Unique features related to control of polymerisation (both in terms of
kinetics and thermodynamics) will be discussed, followed by a review of (potential)
applications in biomedicine and nanotechnology.
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2 Examples from the Biological World

Inspiration for development of dynamic supramolecular polymers comes from
living systems, where enzyme-controlled formation and degradation of collagen
fibrils, actin filaments and microtubules underlie vital cellular functions such as
motility, differentiation, division, etc. (Fig. 1).

Collagen fibres (Fig. 1a) give rise to stiff gel-like materials that surround cells
to provide a scaffold to support tissue formation. These gels are formed by en-
tanglement of networks of collagen fibres. Non-assembling precursors known as
procollagens are firstly produced within cells. These may form triple helical struc-
tures. Further assembly is prevented within cells due to peptide sequences at both
ends of the collagen molecules. After secretion into the extracellular space, procol-
lagens are converted to self-assembling collagens by specific enzymatic cleavage of
both the N- and C-terminal polypeptides in a sequential fashion to generate collagen
fibrils. This mechanism provides exquisite spatial and temporal control of collagen
fibril production (Fig. 1a) [12–16]. Certain proteolytic enzymes such as matrix met-
alloproteases (including collagenase) are capable of selectively degrading collagen
fibres, giving rise to a highly dynamic and adaptive system.

Biocatalytic control of supramolecular polymerisation also underlies the dynam-
ics of actin filaments (F-actin) that drive the locomotion of single-cell organisms

Fig. 1 Examples of enzyme-controlled supramolecular polymerisation from the biological world:
(a) formation of collagen fibrils, (b) dynamic self-assembly of actin filaments, and (c) formation
of microtubules
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[17] as well as muscle contraction in higher organisms. Actin filaments are linear
polymers of the monomeric subunit globular actin (G-actin), which undergo contin-
uous polymerisation and depolymerisation. This process is initiated and controlled
by the enzymatic hydrolysis of the biomolecular fuel molecule adenosine triphos-
phate (ATP) to the diphosphate analogue (ADP) by ATPase (Fig. 1b). Likewise, the
on-demand formation of microtubules, which are responsible for intracellular trans-
port and cell division during mitosis, is regulated by enzymatic reactions. Here,
the enzymatic hydrolysis of guanosine triphosphate (GTP) to GDP by GTPase con-
trols the corresponding assembly and dis-assembly of the monomeric proteins in
microtubules (Fig. 1c) [17]. In summary, Nature has evolved a number of dynamic
polymeric structures that can form and dissociate under enzymatic control. These
play key roles as dynamic intra- and extracellular structures that underlie dynamic
cell function. Scientists are interested in copying these highly dynamic processes in
man-made systems, as detailed in the following sections.

3 Enzymatic Supramolecular Polymerisation

Building blocks (monomers) for enzyme-controlled supramolecular polymeri-
sations are comprised of three components: (1) an enzyme-specific target (bio-
molecule based on the enzyme’s substrate specificity), (2) a self-assembly
component that directs the non-covalent interaction responsible for supramolec-
ular polymerisation, and (3) a molecular switch component that prevents precursor
self-assembly and activates self-assembly upon enzyme action.

3.1 Enzyme-Specific Target

A range of enzyme-catalysed reactions have been exploited to control forma-
tion of supramolecular polymeric structures [11, 18]. These include enzymatic
crosslinking strategies using protein crosslinking enzymes such as transglutami-
nase [19, 20], enzymatic production of gelators from non-gelling precursors using
protease [21–24], esterase [22], penicillin G amidase [25], trans-acylase [26] and
phosphatase [27–30] activities. The opposite process, i.e. enzymatic degradation
or disassembly of supramolecular structures, has been described in the context of
degradable peptide nanotubes [31–33], combined with enzymatically or thermally
controlled release [34], and cell culture matrices [35, 36].

Dynamic systems that exploit both assembly and dis-assembly have been ex-
plored using reversible (de)phosphorylation in response to kinases (phosphorylation
enzymes) and phosphatases [28, 37]. In these systems, the phosphorylation reac-
tion is facilitated by simultaneous hydrolysis of ATP, akin to biological systems
discussed in the previous section. The concentration of ATP can dictate the pre-
ferred direction of these reactions, with phosphorylation levels (and therefore
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supramolecular polymerisation) dictated by ATP levels when both kinase and
phosphatase are present. Dephosphorylation has also been exploited to control
supramolecular association of peptide–polymer conjugates [29, 30]. Although most
examples that have been reported to date are based on peptides, enzyme-responsive
DNA-based hydrogels have also been described [38] and Nature’s designs will
continue to inspire supramolecular polymerisation [39–41].

3.2 Self-Assembly Component

Peptides and their derivatives are particularly attractive building blocks for
supramolecular polymerisations because of their rich opportunities for non-covalent
interactions (hydrogen bonding, electrostatic, π-stacking, hydrophobic), ease of syn-
thesis and compatibility with biological systems. There are 20 gene-coding amino
acids commonly found in nature (identified in this text by their single-letter codes,
Fig. 2a) plus an infinite number of modified and non-natural monomers. The prop-
erties and self-assembly tendency of peptides generated from the combination of
these amino acids depends on the nature of their side-chain substitution. Although
an enormous number of possible sequences exist (205; 3.2 million sequences for

Fig. 2 The structure of (a) 20 natural L amino acids and (b) aromatic residues that gives rise to
(c) aromatic peptide amphiphiles, which form supramolecular polymers through hydrogen bonding
and π-stacking interactions
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a pentapeptide), only a few of them are found in biological systems. Consider-
able progress has been made towards elucidating design rules for peptide-based
supramolecular materials [42–45]. The design rules are either derived by copying
nature (α-helix, β-sheet) [46, 47] or are entirely new designs that exploit peptide
derivatives such as aliphatic [11, 48] or aromatic peptide amphiphiles [10, 49–52].
The latter systems allow for the use of much simpler, shorter peptides (as small as
dimers) compared to other approaches that usually require at least ten amino acids
(and often many more) in each peptide chain. This approach facilitates rational
design and lowers costs for eventual application.

We focus on enzymatically controlled supramolecular polymerisations based on
aromatic peptide amphiphiles as building blocks because these are by far the most
widely studied systems. These are short peptides (generally one to five amino acids)
that are modified (usually at the N-terminus) with aromatic groups such as phenyl,
napthyl, pyrene, 9-fluorenyl methoxycarbonyl (Fmoc) etc. (Fig. 2b, c). It was first
highlighted in the mid-1990s that certain Fmoc-dipeptides can self-assemble to form
gel-phase materials [53]. For a number of aromatic peptide amphiphiles, it has been
shown that self-assembly is governed by formation of in-register antiparallel β-sheet
structures with aromatic groups extended at both termini of each sheet. Multiple
sheets were found to lock together via (antiparallel) π-stacking interactions to give
rise to π-interlocked β-sheets or π–β structures (Fig. 3) [51, 54]. The nature of the
amino acid residues in these systems dictates the curvature of the β-sheets, and in
cases where curvature allows both edges of an array of β-sheets to lock together fi-
bres or hollow tubes may form [21, 22]. It is clear that the morphologies and the
dimensions of these nanostructures are strongly dependent on the route of self-
assembly (see Sect. 3.3) as well as on the amino acid sequence and the chemical
nature of the aromatic residues in the building blocks.
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3.3 Molecular Switch Component

A number of routes have been explored in enzymatic activation of precursors to
self-assembly building blocks, either exploring bond cleavage (hydrolysis) or bond
formation (Fig. 3).

Building blocks are amphiphiles, which have a delicate balance between the
hydrophilic and hydrophobic group crucial to facilitate self-assembly. The pep-
tide component serves to precisely control this balance, and the enzymatic reaction
serves to alter it in favour of self-assembly. As illustrated in Fig. 3, the molecular
switch may involve: (1) phosphatase-catalysed removal of a (phosphate) group from
the precursor to control the electrostatic balance (reaction (i) in Fig. 3); (2) hydrol-
ysis of alkyl esters by hydrolases to change the amphiphilic balance (reaction (ii)
in Fig. 3); or (3) condensation between two non-self-assembling precursors via a
condensation reaction, e.g. involving protease-catalysed amide synthesis to alter the
hydrophilic/hydrophobic balance (reaction (iii) in Fig. 3). A number of examples of
each type are summarised in Table 1.

In addition to chemical composition, as discussed in Sect. 3, the route of self-
assembly also significantly affects the resulting structure because different kineti-
cally folded structures may be formed. For example, subtilisin-triggered formation
of Fmoc-L3 via ester hydrolysis gives rise to hollow nanotubular structures [22],
whereas Fmoc-L3 gel formed by the thermolysin-catalysed reversed hydrolysis of
the Fmoc-L/L2 system gives rise to nanofibrillar morphology [21].

Table 1 Examples of enzymatic formation of supramolecular assemblies

Enzymes

Enzyme-
sensitive
component

Component
forming
molecular
self-assembly

Mode of
formation References

Alkaline
phos-
phatase

(a) Fmoc-pY
(phosphate ester)

(a) Fmoc-Y Via bond
cleavage

[10, 27, 37, 55]

(b) Nap-FFGEpY (b) Nap-FFGEY
Subtilisin Fmoc-(L)2OMe,

Fmoc-(L)3OMe,
Fmoc-(V)2OMe,
PhAc-(F)2OMe,
Cbz-(F)2OMe,
Nap-(F)2OMe,
Nap-(FY)OMe,
Fmoc-(FY)OMe

Fmoc-(L)2 ,
Fmoc-(L)3 ,
Fmoc-(V)2,
PhAc-(F)2 ,
Cbz-(F)2Nap-
(F)2,
Nap-(FY),
Fmoc-(FY)

Via bond
cleavage

[22]

Thermolysin Fmoc-A, Fmoc-V,
Fmoc-L, Fmoc-F

and (F)2 or (L)2,
Fmoc-S and

F-OMe, L-OMe,
Fmoc-T and

F-OMe, L-OMe

Fmoc-tripeptide Via bond
formation

[21, 23, 69]
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4 Kinetics and Thermodynamics of Enzymatic
Supramolecular Polymerisations

In terms of thermodynamics, two situations may arise in biocatalytic self-assembly:
(1) the enzyme reaction and self-assembly process are both favoured in isolation,
or (2) the enzyme reaction itself is thermodynamically unfavoured but involves a
small change in free energy that can be overcome by the overall free energy change
from the stabilisation of the self-assembled structure. The latter gives rise to a fully
reversible system that operates under thermodynamic control (Fig. 4).

4.1 Enzyme-Triggered Assembly: Uncoupled

Uncoupled systems operate under kinetic control and allow access to kinetically
trapped supramolecular structures (i.e. structures that do not represent the global
free energy minimum), which can be achieved by simply altering the amount of
catalyst present, allowing for enzymatic control of emergent properties. Such differ-
ential control of supramolecular polymerisation rate directly affects the viscoelastic
properties of the resulting gel network. Rheology studies have shown that rapid
formation of the self-assembled structure induces more mechanical strength to the
hydrogel matrix than does a structure that is formed more slowly, with variations of
orders of magnitude reported (Table 2).

The ability to control mechanical properties enzymatically has been demon-
strated in two recent examples based on phosphatase-triggered self-assembly of
aromatic peptide amphiphiles [55, 56]. A very simple system based on Fmoc-Y

Precursors
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y
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Supramolecular
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Supramolecular
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ADP

ATP

Fig. 4 Free energy diagram for the two possible situations in enzyme-triggered formation of
supramolecular assembly. Left: The enzyme-catalysed reaction and self-assembly process are both
favoured independently and therefore uncoupled. Right: Enzyme-triggered self-assembly under
thermodynamic control; formation of the building blocks is thermodynamically unfavoured in
isolation and occurs in reversible fashion when coupled to a sufficiently stable self-assembled
structure formation
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Table 2 Effects of alkaline phosphatase concentration on the gelation time and
mechanical properties of the peptide hydrogels of Fmoc-Y-OH (entries 1–4) and
the β-peptide hydrogel (entries 5–7)

Concentration Time required for G′

Entry of enzyme (U mL−1) hydrogelation (min) (kPa)

1 10 60–120 34±13
2 3 60–120 16±7
3 1 120–240 9±8
4 0.1 >1440 12±6
5 5.88 2 4
6 2.94 10 0.9
7 1.47 30 0.3
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Fig. 5 (a) Dephosphorylation of Fmoc-Y(p)-OH (8) to hydrogelator Fmoc-Y-OH (9) by alka-
line phosphatase. (b) Conversion of the β-peptide precursor 10 to hydrogelator 11 using acid
phosphatase at pH 4.8

demonstrated a threefold increase in gel stiffness upon increase of enzyme concen-
tration by two orders of magnitude (Fig. 5a, Table 2, entries 1–4).

A second example utilised a β-peptide derivative (Fig. 5b). The elastic modulus
could be varied from 4000 to 300 Pa (Table 2, entries 5–7), thus indicating that the
ratio of enzyme to precursor plays a significant role in tailoring the supramolecular
assemblies.

Such control over the mechanical strength of the supramolecular gel network is
of particular interest for applications in cell culture, particularly in stem cell research
because the elastic modulus of cell substrates has been found to dictate the differen-
tiation pathways chosen by mesenchymal stem cells [57].
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4.2 Enzyme-Triggered Self-Assembly Under
Thermodynamic Control

Proteases are well known for their ability to hydrolyse peptide bonds. The Gibbs
free energy change of amide synthesis/hydrolysis is small and the reaction is
readily reversed, for example by relative stabilisation of the peptide over the
hydrolysis products, as shown previously in organic solvent systems and het-
erogeneous reaction media [58–60]. By coupling protease catalysis with peptide
self-assembly, a similar reversal of hydrolysis to preferred synthesis occurs whereby
the self-assembly provides the thermodynamic driving force for peptide synthesis
[21, 23]. The resulting thermodynamically controlled systems are fully reversible
and will proceed towards the lowest accessible free energy state. Interestingly,
when mixtures of starting materials are supplied, these systems should self-select
the most thermodynamically stable structures from dynamic mixtures, as discussed
below.

Dynamic combinatorial libraries (DCLs) are continuously interconverting li-
braries that eventually evolve to an equilibrium distribution [61–65]. This approach
has been used successfully in the discovery of stable supramolecular assemblies
from mixtures. Due to the nearly endless possible peptide sequences that can po-
tentially be synthesised, the DCL approach is attractive for the identification of
supramolecular peptide interactions. Indeed, disulfide exchange between cysteine
residues has been explored for this purpose [66, 67] as has peptide–metal binding
[68]. We have recently demonstrated protease-catalysed amide exchange in this
context, which allows for the evolution of the self-assembled peptide structures,
and will therefore allow exploration of peptide sequence space for biomaterials
design.

Evolution of peptide nanostructures has been investigated for Fmoc-L peptides
(Fig. 6). When Fmoc-L and LL were exposed to a non-selective protease, a Fmoc-
Ln oligomer distribution results. Upon initiation of the reaction, Fmoc-L3 is found
to be formed as the major component (because it is the direct coupling product
between the starting materials). Overtime, the system rearranges itself and eventu-
ally reaches an equilibrium distribution in which Fmoc-L5 is predominant (Fig. 6).
Analysis by atomic force microscopy (AFM) showed a drastic change in morphol-
ogy from fibres (Fmoc-L3) to sheet-like structures (Fmoc-L5) (Fig. 6a) [21] and
suggests that the sheet-like pentapeptide structure represents the lowest accessible
folded state for this system. This enzymatic DCL approach was also explored for the
screening of a range of dipeptide sequences in Fmoc-dipeptide-methyl ester gela-
tors [69].

Thus, dynamic peptide libraries offer the potential to identify the most stable
self-assembled supramolecular nanostructure from a mixture of several components.
This opens up the possibility of exploiting the versatility of peptides for the discov-
ery of new nanostructures.
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5 Spatiotemporal Control of Nucleation and Growth
in Enzymatic Supramolecular Polymerisation

In supramolecular polymerisations, it is a major challenge to gain sufficient control
over the nucleation and the structure growth as these are generally bulk processes
that are controlled by overall changes in reaction conditions such as pH, ionic
strength, temperature, etc. Enzymatic supramolecular polymerisations offer unique
opportunities in this context. Depending on the relative rates of enzyme reaction
and diffusion of the building blocks near an active enzyme, it is possible to achieve
a local concentration above the critical aggregation that favours structure formation.
For example, microscopic analysis of the initial stages of the self-assembly pro-
cess has shown that the fibres propagate from spherical structures of approximately
30 nm in diameter (Fig. 7a, b). Because enzymatic formation of the building blocks
is localised, it appears that self-assembly nucleates close to enzyme molecules. This
suggests that each sphere contains a small number of enzyme molecules from which
fibres propagate over time [21].

Spatially confined self-assembly has been further confirmed by localizing ther-
molysin on certain areas of a PEGylated surface. Upon immersion of this modified
surface into a solution containing self-assembling precursors, nanostructures were
formed in the vicinity of the enzyme, as observed through congo-red staining
(Fig. 7c) [21]. Thus, enzyme-assisted self-assembly allows for construction of
supramolecular polymers with spatiotemporal control, i.e. where and when they are
required.
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Fig. 7 Spatial confinement of nucleation and growth as observed for Fmoc-L/L2 system. (a) TEM
image of typical features observed with fibre propagation demonstrates confined fibre growth from
spherical structures. (b) The same process is visualised by AFM. (c) Right: Localised self-assembly
visualised by congo-red staining under cross-polarised light. Thermolysin is coupled to the glass
surface through PEG diamine and glutaraldehyde crosslinking. Upon immersion into the solution
of Fmoc-L/L2 solution, self-assembly is observed in the vicinity of the immobilised enzyme. Left:
Association of the congo-red dye with the β-sheet of the fibres results in green birefringence (I),
no effect is observed on the regions without enzyme (II). Modified from [21]

6 Applications in Biomedicine and Nanotechnology

Supramolecular polymers are finding extensive applications in several areas of
biomedicine, which include 3D cell culture, targeted drug delivery, biosensing, in-
hibitor screening and wound healing. For example, self-assembled hydrogelating
systems of aromatic peptide amphiphiles comprising a fibrous network are suitable
as minimal mimics of the extracellular matrix and have been used to support 2D
and 3D culture of cells [10, 70, 71]. Using enzyme action to control formation of
these gels would provide enhanced control over stiffness, topography and chemi-
cal composition and may give rise to next generation scaffolds for the controlled
differentiation of stem cells.

An interesting recent example in the context of drug delivery of such enzyme-
triggered self-assembly includes the modification of the anticancer drug taxol
(Fig. 8) into a self-delivering supramolecular gel. The drug is attached covalently
to a motif that forms a self-assembled structure, which bears a molecular switch
component that is cleavable by a phosphatase (Fig. 8) [72]. On exposure to alkaline
phosphatase, the phosphate group of 12 is hydrolysed to give rise to 13 that forms
a hydrogel. This hydrogel can slowly release the taxol derivative 13 in aqueous
solution when it is exposed to phosphate-buffered saline. This derivative showed
similar activity to taxol in toxicology studies. Thus, this enzyme-triggered bioactive
hydrogel generates a facile strategy of dissolving otherwise-insoluble hydrophobic
drugs in aqueous solution. This example proves that small molecule drugs are ex-
cellent candidates for engineering functional hydrogels without compromising their
activities.

Enzyme-sensitive supramolecular polymers also hold promise in analytical ap-
plications such as the screening of enzyme inhibitors. A simple visual assay based
on the hydrogelation of small molecules has been developed for screening the ac-
tivities of inhibitors of enzymes like acid phosphatase. A number of inhibitors for
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acid phosphatase, such as pamidronate disodium, Zn2+, and sodium orthovanadate
(Na3VO4), have been exploited to estimate their minimum inhibition concentra-
tions [73].

The formation of dynamic artificial supramolecular nanoscale assemblies within
living cells will be of interest to find out its influence on cell behaviour since it
will integrate molecular self-assembly with biochemical reactions, giving rise to
better understanding of biological processes and possible new approaches to tackle
diseased states.

To exploit enzymatic hydrogelation intracellularly, Bing Xu and his team de-
signed a non-assembling peptide precursor molecule (14). When exposed to the
cells, it enters into the cell by diffusion and, being an esterase substrate, it undergoes
hydrolysis by an endogenous esterase enzyme to form 15, which self-assembles
into nanostructures (Fig. 9) [74, 75]. This gelation induces an abrupt change in the
viscosity of the cell cytoplasm and cause cell death, which depends on enzyme
expression levels in the cells under investigation. At a certain concentration of 14
(0.08 wt%), the majority of cells derived from human cervical cancer tumours died
within 3 days, whereas fibroblast NIH3T3 cells remained alive under the same con-
ditions (Fig. 9b).
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7 Conclusion and Outlook

A number of dynamic supramolecular polymers control vital functions in biology.
These are tightly regulated by highly selective and spatially confined catalytic mech-
anisms whereby non-assembling precursors are catalytically activated to produce
self-assembling components.

Over the past 5 years, a number of researchers have started to explore and mimic
these approaches in the laboratory. Enzyme-assisted formation of supramolecular
polymers has several unique features. These include selectivity, confinement and
catalytic amplification, which allow for superior control as observed in biologi-
cal systems. These systems are finding applications in areas where supramolecular
function is directly dictated by molecular order, for example in designed biomateri-
als for 3D cell culture, templating, drug delivery, biosensing, and intracellular poly-
merisations to control cell fate. Overall, biocatalytic production of supramolecular
polymers provides a powerful new paradigm in stimuli-responsive nanomaterials.
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